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ABSTRACT: To date, techniques for the assembly of phospholipid ﬁlms into
cell-like giant unilamellar vesicles (GUVs) use planar surfaces and require the
application of electric ﬁelds or dissolved molecules to obtain adequate yields.
Here, we present the use of nanocellulose paper, which are surfaces composed
of entangled cylindrical nanoﬁbers, to promote the facile and high yield
assembly of GUVs. Use of nanocellulose paper results in up to a 100 000-fold
reduction in costs while increasing yields compared to extant surface-assisted
assembly techniques. Quantitative measurements of yields and the distributions
of sizes using large data set confocal microscopy illuminates the mechanism of
assembly. We present a thermodynamic “budding and merging”, BNM, model
that oﬀers a uniﬁed explanation for the diﬀerences in the yields and sizes of
GUVs obtained from surfaces of varying geometry and chemistry. The BNM model considers the change in free energy due to
budding by balancing the elastic, adhesion, and edge energies of a section of a surface-attached membrane that transitions into a
surface-attached spherical bud. The model reveals that the formation of GUVs is spontaneous on hydrophilic surfaces consisting of
entangled cylindrical nanoﬁbers with dimensions similar to nanocellulose ﬁbers. This work advances understanding of the eﬀects of
surface properties on the assembly of GUVs. It also addresses practical barriers that currently impede the promising use of GUVs as
vehicles for the delivery of drugs, for the manufacturing of synthetic cells, and for the assembly of artiﬁcial tissues at scale.
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composed of insoluble cellulose ﬁbers or onto fabrics
composed of natural, semisynthetic, and synthetic ﬁbers.32
Herein, we present the use of nanocellulose papers, which
are surfaces composed of entangled cellulose nanoﬁbers, to
assemble GUVs using the PAPYRUS technique. PAPYRUS
using nanocellulose papers can assemble GUVs from
phospholipids with zwitterionic and charged headgroups,
GUVs with membranes of complex compositions, and giant
polymersomes from amphiphilic diblock copolymers. Use of
nanocellulose paper results in signiﬁcant procedural simpliﬁcations and as much as a 100 000-fold reduction in the costs of
assembling GUVs.
We perform systematic experiments using the model
zwitterionic phospholipid dioleoyl-sn-glycero-3-phosphocholine (DOPC) on lab-made nanocellulose paper, commercial
artist-grade tracing paper, regenerated cellulose dialysis
membranes, borosilicate glass slides, and indium tin oxide
(ITO)-covered glass slides as surfaces. The ﬁrst two surfaces

INTRODUCTION
Giant unilamellar vesicles or GUVs are single-walled closed
phospholipid bilayer membranes with diameters larger than 1
μm.1,2 GUVs resemble minimal biological cells.1,2 This
resemblance has made GUVs instrumental in advancing the
understanding of, among others,3−5 membrane organization,6−8 cytoskeletal mechanics,9 reproduction,10 division,11−14
transport,15,16 and electrical signaling.17 Furthermore, innovations in bottom-up synthetic biology,18−20 engineering of
artiﬁcial tissues,21,22 and delivery of drugs23,24 opens new
avenues for the use of GUVs in biomimetic applications.
Surface-assisted assembly, techniques in which solvent-free
lipid ﬁlms are templated onto surfaces and then hydrated in
aqueous solutions, is a promising route to obtain GUVs.25−32
In the earliest discovered technique,25,26 contemporarily
known as “gentle hydration”,1,2 dry lipid ﬁlms are templated
onto glass and Teﬂon surfaces and then hydrated in quiescent
solutions. Electroformation modiﬁes the procedure by
templating the lipid ﬁlms on electrically conductive surfaces
and then applying an electric ﬁeld normal to the hydrated lipid
ﬁlms.27,28 Other modiﬁcations include gel-assisted hydration,
where lipid ﬁlms are templated onto soluble hydrogels
supported on glass surfaces,29,30,33 osmotic shock,34 and
PAPYRUS, paper-abetted amphiphile hydration in aqueous
solutions, where lipid ﬁlms are templated onto ﬁlter paper31
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have nanoscale cylindrical geometry, while the latter three
surfaces are planar. The hydrated lipid ﬁlms on all the surfaces
formed GUV buds of varying sizes and local densities.
Fluorescence recovery after photobleaching (FRAP) experiments showed that the lipid ﬁlms had morphologies consistent
with that of a continuous layer of connected vesicular buds.
Harvesting by applying hydrodynamic ﬂows detaches the buds
that then self-seal to form isolated GUVs.
Using large data set confocal microscopy-based methods to
measure yields quantitatively, we ﬁnd that PAPYRUS using
lab-made nanocellulose paper and commercial tracing paper
produced signiﬁcantly higher yields of GUVs compared to the
planar surfaces. Both the lab-made nanocellulose paper and
commercial tracing papers had similar eﬀects on the yields and
sizes of GUVs. Thus, unless otherwise speciﬁed, we use
“nanocellulose paper” to refer to both these surfaces
interchangeably. Yields of GUVs from nanocellulose papers
were ∼40−90% higher than the planar surfaces, including
surfaces which are permeable to water such as regenerated
cellulose dialysis membranes and the widely used electroformation technique on ITO-covered slides. The distribution
of diameters of the populations of GUVs obtained from all ﬁve
surfaces were right-skewed and showed monotonically
decreasing counts of GUVs of large diameters. In comparison
to planar surfaces, nanocellulose paper produced populations
with higher counts of GUVs with diameters larger than 10 μm.
The yields and sizes of GUVs was signiﬁcantly reduced on
planar and nanocellulose surfaces that were rendered hydrophobic through silanization.
To explain the high yields of GUVs on hydrophilic
nanocellulose papers and the reduction in yields upon
hydrophobic modiﬁcation, we develop a thermodynamic
budding and merging (BNM) model for the surface-assisted
assembly of GUVs. We propose that GUVs assemble on lipid
ﬁlms templated on surfaces through the process of bud
formation followed by the merging of the buds. The BNM
model considers the change in free energy due to budding by
balancing the elastic, adhesion, and membrane edge energies of
a section of a surface-attached membrane that transitions into a
surface-attached spherical bud. On planar and spherical
surfaces, the transition increases the free energy of the
membrane, that is the transition is endergonic. On cylindrical
nanoﬁbers with radii consistent with the dimensions of
nanocellulose ﬁbers, the transition to form spherical nanometer
diameter buds decreases the free energy of the membrane, that
is the transition is exergonic. This result suggests that
“nanobuds” can form spontaneously on membranes templated
on nanocellulose papers.
Merging of the spherical buds so that the membrane evolves
from a state with many buds of smaller sizes to a state with
fewer buds of larger sizes is energetically favored. This is
because the elastic energy due to the mean curvature of a
continuous membrane with connected spherical buds depends
on the number of buds and not on the size of the buds. A
combination of budding and merging provides a pathway for
the spontaneous assembly of GUVs on nanocellulose papers.
The BNM model shows that the energy cost of budding is
proportional to the adhesive interactions of the lipid ﬁlm on
the surface. Formation of monolayers and depleted regions
increase the adhesion energy of the lipid ﬁlm on hydrophobic
surfaces by several orders of magnitude.35 The resulting
increase in the energy cost of budding causes the formation of
fewer buds on planar hydrophobic surfaces compared to

hydrophilic surfaces. For nanocellulose papers, the increased
adhesion energy causes budding to switch from net exergonic
to net endergonic which makes the formation of nanobuds and
GUVs no longer spontaneous. Thus, the BNM model explains
the high yields of GUVs obtained from hydrophilic nanocellulose papers and the dramatic reduction of yields when
surfaces are rendered hydrophobic.
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RESULTS AND DISCUSSION
Surfaces Used. The application of electric ﬁelds,27 the
swelling of surfaces,30 and the increased ﬂux of water through
permeable surfaces36 have been suggested to enhance the
yields of GUVs. To control for these potential factors and to
isolate the eﬀect of curvature, we use seven diﬀerent surfaces.
We use lab-made nanocellulose paper (NP), commercial artistgrade tracing paper (TP), silanized tracing paper (CH3-TP),
commercial regenerated cellulose dialysis membranes (RC),
silanized glass slides (CH3-GS), pristine glass slides (GS), and
indium tin oxide (ITO)-covered slides (electroformation, EF).
The ﬁrst ﬁve surfaces have not been used previously to
assemble GUVs. The latter two surfaces are currently used to
assemble GUVs.1 Nanocellulose is obtained through chemical
hydrolysis and high-pressure mechanical homogenization of
plant-derived cellulose ﬁbers.37,38 This treatment delaminates
the cellulose ﬁbers, which are tens of micrometers in diameter,
into their constituent cellulose nanoﬁbrils ∼5−60 nm in
diameter.37,38 Dissolution and chemical regeneration of
cellulose to form dialysis membranes results in smooth
cellulose ﬁlms devoid of ﬁbrillar character.39 The lab-made
nanocellulose paper, commercial tracing paper, and commercial regenerated cellulose dialysis membranes were insoluble in
water, hydrophilic, permeable to water, and swell in water.37,38
The glass and ITO-covered slides were impermeable and do
not swell in water.
Scanning electron microscopy (SEM) imaging showed that
the lab-made nanocellulose paper, tracing paper, and silanized
tracing paper were composed of entangled cylindrical nanoﬁbers (Figure 1a−c). The nanocellulose ﬁbers were polydisperse in radius and length. The average radius of the ﬁbers
was Rf = 17 ± 6 nm, and the average length of the ﬁbers was Lf
= 5000 ± 2000 nm. The regenerated cellulose dialysis
membrane (Figure 1d), silanized glass slides, glass slides, and
ITO-covered slides were planar and featureless. Grafting
methyl groups onto the tracing paper and glass slides through
silanization made the respective surfaces hydrophobic.40 This
treatment allowed us to probe the behavior of lipids on
hydrophobic surfaces while preserving the geometry of the
surfaces.
We prepared thin ﬁlms of lipids by drop-casting 10 μL of a 1
mg/mL solution of lipid in chloroform onto the surfaces. We
used 99.5 mol % of the phospholipid DOPC mixed with 0.5
mol % of the ﬂuorescent sterol TopFluor-Cholesterol (TFChol) as our model lipid. After removing trace solvents under
vacuum, we incubated the surfaces in a 100 mM aqueous
solution of sucrose. We applied an AC electric ﬁeld to the
ITO-covered glass slides to perform the electroformation
technique.41,42 All the other surfaces were incubated without
any further input of energy. Sample preparation for the
nanocellulose papers and dialysis membrane was achieved
easily using standard disposable 48-well plates, while for the
glass slides and ITO-covered slides, custom chambers had to
be assembled (see Materials and Methods and Supporting
Information for further details). After 2 h, we imaged the
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Figure 1. Characterization of the substrates and the assembled giant vesicle buds. (a−d) SEM images showing the microstructure of the surfaces.
(a) Lab-made nanocellulose paper. (b) Commercial tracing paper. (c) Silanized tracing paper. (d) Commercial regenerated cellulose dialysis
membranes. (e−h) Confocal images of the templated lipid ﬁlm after 2 h in aqueous solutions. (e) Lab-made nanocellulose paper. (f) Commercial
tracing paper. (g) Silanized tracing paper. (h) Regenerated cellulose dialysis membranes. Scale bars: (a−d) 2 and (e−h) 50 μm.

Figure 2. Lipid ﬁlms on the surfaces have morphologies consistent with connected vesicular buds. (a, b) Cross sectional schematic of the expected
behavior after photobleaching of the ﬂuorophore in the membranes. (a) Behavior expected for topologically isolated GUVs. (b) Behavior expected
for connected vesicle buds. The green shading indicates unbleached ﬂuorophores and the black shading indicates photobleached ﬂuorophores. (c,
d) Stills from FRAP experiments showing the frame before application of a circular bleach pulse, the ﬁrst frame after application of the bleach pulse,
and the ﬁnal frame in the experiment. (c) Stills from FRAP experiments on isolated GUVs. (d) Stills from FRAP experiments on the lipid ﬁlm on
the surface of tracing paper. The dotted white circles in the ﬁrst panels show the region that was photobleached. The plots on the right show the
normalized FRAP recovery curves from the experiments. Scale bar: 10 μm.

GUVs from surface-attached lipid ﬁlms. We adapt the
ﬂuorescence recovery after photobleaching (FRAP) technique,
conventionally used to measure in-plane diﬀusivity of lipids
and membrane proteins,43 to probe the morphology of the
lipid ﬁlm on the surfaces. Phospholipid molecules in
continuous liquid phase ﬁlms, such as DOPC at room
temperature, diﬀuse laterally within the plane of the ﬁlm.43
When a small region within a larger ﬂuorescently labeled lipid
ﬁlm is photobleached in a FRAP experiment, the ﬂuorescence
intensity in the region recovers over time due to in-plane
diﬀusive exchange of the photobleached molecules with
unbleached molecules. If the area of the photobleached region
is large with respect to the area of the ﬂuorescently labeled
ﬁlm, then the ﬂuorescence intensity does not recover since

surfaces using high-resolution confocal microscopy. Dense
stratiﬁed layers of vesicle buds ranging from 1−150 μm in
diameter covered the surfaces of the lab-made nanocellulose
and commercial tracing papers (Figure 1e, f). Buds were sparse
on the surface of the silanized tracing paper (Figure 1g) and
regenerated cellulose dialysis membrane (Figure 1h). We show
confocal images of the other surfaces in Figure S1.
Morphology of the Lipid Film on the Surfaces. GUVs
are topologically isolated membranes (Figure 2a). In contrast,
vesicle buds are spheroidal membrane protuberances on a
continuous lipid ﬁlm (Figure 2b). Fluorescence images,
however, cannot distinguish buds from isolated vesicles. The
distinction between buds and topologically isolated vesicles is
critical for understanding the mechanism of formation of
56551
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Figure 3. Quantitative analysis of GUVs. (a) Cross-sectional schematic showing the large local diﬀerences in bud sizes and bud density on a
substrate. The schematic was based on the experimental images in the bottom row, which were from assembly on a glass surface. See Figure S1 for
other surfaces. (b) Schematic showing the procedure for measuring the distribution of diameters and molar yield of GUVs. (c) Stitched confocal
images of a typical tilescan of the vesicles in the chamber. The insets show progressive zoomed in views of a single tile and a region within the tile.
(d) (Left) Example of processed images. The objects classiﬁed as GUVs are false colored red. (Right) An example of a histogram of the diameters
of GUVs obtained from a single repeat from tracing paper. The counts were normalized by the total mass of the DOPC deposited on the surface.
Bin widths are 1 μm. Note the logarithmic scale on the y-axis. Scale bar: 50 μm.

Figure 4. Counts and summary statistics of GUVs obtained from the assorted surfaces. (a) Bar plots of the mean GUV counts normalized by the
amount of lipid deposited on each surface. The bars colored red are GUVs obtained from planar surfaces: electroformation on ITO-covered glass
slides (EF), regenerated cellulose dialysis membranes (RC), glass slides (GS), and silanized glass slides (CH3-GS). The bars colored blue are
GUVs obtained from surfaces composed of entangled cylindrical nanoﬁbers: commercial tracing paper (TP), lab-made nanocellulose paper (NP),
and silanized tracing paper. The range of diameters, d, are indicated in the plots. (b) Scatter plot showing the median diameter of the GUV
populations obtained from the surfaces. (c) Scatter plot of the extreme diameters of GUVs from the populations harvested for each of the surfaces.
Error bars are standard deviations from the mean. N = 5.

(Figure 2c). The ﬂuorescence intensity of the buds on the
surface of the tracing paper recovered (Figure 2d). This result
proves that the morphology of the ﬁlm on the surface is
consistent with that of a continuous layer of connected
vesicular buds.
PAPYRUS on Nanocellulose Paper Produces the
Highest Total Counts of GUVs and the Highest Counts
of GUVs of Large Diameters. The local densities and sizes
of buds varied widely even on a single surface (Figure 3a,
Figure S1). Thus, images of vesicular buds do not provide
conclusive information on the eﬀects of the diﬀerent surfaces
on assembly. To obtain quantitative data, we harvested the
vesicle buds from the surfaces. Harvesting detaches the buds
from the ﬁlm which then seal to form GUVs. Harvesting allows
statistical sampling since buds from various locations on the

there will be no reservoir of unbleached molecules. We extend
this reasoning to distinguish ﬁlms with connected spherical
buds from a collection of isolated GUVs. Photobleached GUVs
cannot recover their ﬂuorescence intensity since the bleached
region encompasses the entirety of the topologically isolated
membranes (Figure 2a). Photobleached vesicular buds can
recover their ﬂuorescence intensity since the bleached region is
small compared to the larger ﬁlm on the surface (Figure 2b).
Figure 2c and d shows selected stills and recovery curves
from FRAP experiments performed on a close-packed layer of
isolated GUVs (Figure 2c) and on a close-packed layer of
vesicle buds on the surface of tracing paper (Figure 2d). Prior
to bleaching, both the GUVs and the vesicle buds appear
similar in the confocal images. Upon bleaching, the
ﬂuorescence intensity of the isolated GUVs did not recover
56552
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Figure 5. Molar yields of GUVs obtained from planar substrates and substrates composed of cylindrical nanoﬁbers. (a) Stacked bar plots of the
molar yields of GUVs obtained from growth on planar substrates (red) and substrates composed of cylindrical nanoﬁbers (blue). Each bar is an
average of N = 5 independent repeats, and the error bars are the standard deviation from the mean. The planar substrates are electroformation on
ITO-covered slides (EF), regenerated cellulose dialysis membranes (RC), glass slides (GS), and silanized glass slides (CH3-GS). The substrates
composed of cylindrical nanoﬁbers are tracing paper (TP), lab-made nanopaper (NP), and silanized tracing paper (CH3-TP). Each bar is split into
three regions corresponding to the fraction of GUVs with diameter ranges as described in the legend. Statistical signiﬁcance was determined using a
one-way ANOVA and Tukey’s HSD posthoc tests. * = p < 0.05, ** = p < 0.01, *** = p < 0.001, NS = not signiﬁcant. (b) Scatter plot showing the
yield of GUVs with diameters larger than 10 μm versus the total molar yield of GUVs. The orange dashed line corresponds to half the GUVs being
larger than 10 μm. The x- and y- error bars are the standard deviation from the mean.

highest average counts of GUVs in the large and very large
range, with the highest median diameters, and with the largest
extreme diameters. The silanized surfaces, CH3-TP and CH3GS, produced lower counts of GUVs and GUVs with smaller
diameters compared to their hydrophilic counterparts.
PAPYRUS on Nanocellulose Paper Produces the
Highest Molar Yield of GUVs. We introduce the concept
of a molar yield of GUVs, Y, to allow comparison between the
surfaces. The molar yield is the moles of lipids that compose
the membranes of the GUVs normalized by the total moles of
lipid deposited onto the surface. We calculate the molar yield,
Y (in %) using eq 1:

surface become well-mixed in solution. We placed aliquots of
the harvested vesicles in an imaging chamber ﬁlled with a 100
mM solution of glucose (Figure 3b). The sucrose-ﬁlled vesicles
sediment to the bottom of the chamber since they have a
higher density than the surrounding solution of glucose. After
waiting for 3 h, we obtained single-plane confocal tile scan
images of the whole bottom surface of the imaging chamber.
Confocal microscopy images have high spatial dynamic range.
Each image allowed us to identify GUVs ranging from 1 μm in
diameter up to hundreds of micrometers in diameter (Figure
3c), that is the whole range of sizes classiﬁed as GUVs.1,2 Using
a custom image analysis routine, we obtain the counts, the
distribution of diameters and the moments of the distribution
of 6(105) − 6(106) GUVs per experiment. We performed ﬁve
independent repeats for each surface.
Figure 3d shows a histogram of the diameters of the GUVs
obtained from a sample of tracing paper. We show the
histograms of the diameters of the GUVs obtained from the
other surfaces in Figure S2. The histograms of the diameters of
the GUVs from all the surfaces were right-skewed and showed
monotonically decreasing counts as a function of increasing
diametersmall GUVs were more abundant than large GUVs
(Figure S2a−g).
Figure 4a shows the counts of GUVs obtained from all seven
surfaces grouped by surfaces with planar geometry (red) and
surfaces composed of entangled nanocellulose ﬁbers (blue).
We divide the population into diameter ranges d, 1 μm ≤ d <
10 μm (small GUVs), 10 μm ≤ d < 50 μm (large GUVs), and
d ≥ 50 μm (very large GUVs). The counts were normalized by
the mass of lipid deposited on the surfaces. Figure 4b shows
the median diameters, and Figure 4c shows the extreme
diameters, deﬁned as the average diameter of the largest 100
GUVs in each distribution. All data points are an average from
the ﬁve independent repeats performed for each surface. The
error bars are the standard deviation from the mean.
Compared to the planar surfaces, tracing paper and nanocellulose paper produced populations of GUVs with the

ij 2πmV
h
Y = 100jjjj
j NAAhg MVal
k

yz

∑ (di)2 zzzzz
n

i=1

{

(1)

In this equation, m is the molecular weight of the lipid, Vh is
the volume of the harvested GUV suspension, NA is
Avogadro’s number, Ahg is the headgroup area of the lipid,
M is the mass of lipid deposited on the surface, Val is the
volume of the aliquot in the imaging chamber, n is the number
of GUVs in the imaging chamber, and di is the diameter of
vesicle i.
Figure 5a shows a stacked bar plot of the molar yields
grouped by the surfaces with planar geometry (red) and
surfaces composed of entangled nanoﬁbers (blue). The bars
are divided by GUV size ranges, 1 μm ≤ d < 10 μm (small
GUVs), 10 μm ≤ d < 50 μm (large GUVs), and d ≥ 50 μm
(very large GUVs). The error bars are the standard deviation
from the mean. We perform statistical tests on our data. An
Anderson−Darling test for normality shows that the molar
yield calculated from the independent repeats from all the
surfaces were consistent with being drawn from a normal
distribution (Table S1). A Bartlett’s test showed that the
samples had equal variances (Table S1). Thus, the variation in
the repeats is consistent with the additive eﬀects of multiple
independent processes and is unlikely to be due to systematic
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eﬀects.44 We perform a balanced one-way analysis of variance
(ANOVA) to assess the statistical signiﬁcance of the eﬀect of
the surfaces on molar yields. The ANOVA showed that at least
one of the surfaces had a signiﬁcant eﬀect on the yield of
GUVs [F(6,28) = 90.53, p = 5.06 × 10−17]. We performed
Tukey’s honestly signiﬁcant diﬀerence (HSD) post hoc tests to
determine the statistical signiﬁcance between pairs of surfaces.
A p-value of <0.05 was considered signiﬁcant. See Table S2 for
the ANOVA table and the results of the Tukey’s HSD.
The molar yield of GUVs from lab-made nanocellulose
paper and commercial tracing paper both ranged between 26%
and 36% with a mean of 31%. The molar yield of GUVs from
both surfaces were signiﬁcantly higher than the molar yield of
GUVs obtained from the glass slides, regenerated cellulose
dialysis membranes, and ITO-covered glass slides (electroformation), which were 16 ± 1%, 19 ± 2%, and 22 ± 2%
respectively (all p < 0.001, ***). The molar yield of GUVs
obtained from the regenerated cellulose dialysis membrane was
not signiﬁcantly diﬀerent than glass (p = 0.383). The
approximately 6% higher molar yield of GUVs obtained
through electroformation compared to glass was statistically
signiﬁcant, albeit with a lower conﬁdence level of p = 0.005, **.
The diﬀerence in yield between electroformation and
regenerated cellulose dialysis membranes was not statistically
signiﬁcant (p = 0.439). The silanized glass slide and silanized
tracing paper surfaces had mean molar yields of 1 ± 0.4% and
8 ± 2%, respectively. This approximately 16-fold reduction in
yield for silanized glass and ∼4-fold reduction in yield for
silanized tracing paper compared to their respective hydrophilic surfaces was highly signiﬁcant (both p < 0.001, ***).
Summarizing these observations, we conclude that (i)
surfaces consisting of entangled cylindrical nanoﬁbers produce
signiﬁcantly higher yields of GUVs compared to planar
surfaces, (ii) the increased permeability of water through a
surface does not lead to a statistically signiﬁcant increase in the
molar yield of GUVs compared to an impermeable surface,
(iii) the application of an electric ﬁeld leads to a statistically
signiﬁcant increase in the yield of GUVs compared to gentle
hydration on glass slides, and (iv) the hydrophobic
modiﬁcation of surfaces results in a signiﬁcant reduction in
GUV yields.
Figure 5b shows a scatter plot of the mean yield of GUVs
with diameters greater than 10 μm (large GUVs) versus the
mean yield of the population. The vertical and horizontal error
bars are the standard deviation from the mean. The dashed
orange line shows the values at which half of the GUVs in a
population are classiﬁed as large. The yield of large GUVs is
highly correlated with the total yield of GUVs (Pearson’s R =
0.9595, p = 6.194 × 10−4). For surfaces that had low yields, less
than half of the GUVs were larger than 10 μm. For surfaces
that had high yields, more than half of the GUVs were larger
than 10 μm. Thus, the fraction of large GUVs in a population
is proportional to the total yield of GUVs in the population.
We surmise that obtaining populations consisting exclusively of
large GUVs from surface-assisted assembly is highly unlikely.
Budding and Merging Model Explains the Eﬀects of
Surface Geometry and Surface Chemistry on the Yields
of GUVs. Current proposed mechanisms27,29,45−47 for the
formation of GUVs cannot explain our data. On the basis of
our observations, we propose that GUVs assemble on lipid
ﬁlms templated on surfaces through the process of bud
formation followed by the merging of the buds (budding and
merging, BNM).

To determine the energy for bud formation, we model the
free energy of a vesiculating membrane that is templated on a
surface using eq 2:
E=

∫S dS
+

{
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}

κb
(2H − H0)2 + κGG + κa
2

+

∫V dV Δp

∫S dS{ξ(h)}

(2)

In this equation, κb is the bending modulus, κG is the Gaussian
1
bending modulus, H = 2 (κ1 + κ2) is the mean curvature,
where κ1 and κ2 are the principal curvatures on the surface, G =
κ1κ2 is the Gaussian curvature, H0 is the spontaneous curvature,
κa is the area expansion modulus, Δp is the osmotic pressure
diﬀerence, and ξ(h) is the microscopic interaction potential
normal to the surface of the membrane. The microscopic
interaction potential can be traced to intermolecular electrostatic, van der Waals, and structural forces.48 The magnitude of
these forces depends on the distance, h, between the
membrane and the surface.48 These quantities are integrated
as appropriate over the surface, S, of the membrane or the
volume, V, that the membrane encloses.
The ﬁrst integral on the right-hand side is the elastic bending
and stretching energy of the membrane using the Helfrich
harmonic approximation.49−51 The expression penalizes
bending from H0 = 0 of a symmetric bilayer membrane and
any stretching of the membrane. The Gaussian curvature, G, is
invariant, that is it remains the same, absent a topological
change.52 Since the buds remain attached to the surface
(Figure 2), the total Gaussian curvature of the membrane
remains the same during the process of budding. A region of
negative Gaussian curvature develops at the neck of the bud
that equals the positive Gaussian curvature of the spherical
bud.52 We, thus, only consider changes in elastic energy of the
membrane due to changes in the mean curvature. The second
term in eq 2 accounts for pressure−volume work. Osmotic
pressure variations can arise from diﬀerences in the
distribution of lipid counterions.25 Since all the surfaces were
templated identically with DOPC, we take Δp ≈ 0. The third
term in eq 2 accounts for the interaction between the
membrane and the surface. In addition to the solid substrate,
membranes organized as multilayers could have a bilayer, a
depleted bilayer,35 or a monolayer as a “surface”. Following,50,51 we ignore microscopic details and replace the
microscopic interaction potential, ξ(h), with an eﬀective
adhesion contact potential, ξ. The magnitude of the adhesion
potential varies with the identity of the surface and can range
over ﬁve orders for lipid ﬁlms.35,48 We use a negative sign to
indicate an attractive potential. We show characteristic values
for these parameters for phosphocholine lipid bilayers in Table
S3.
The energy change, ΔE = E2 − E1, for a membrane
templated on the surface to transition to a spherical bud at a
constant surface area, S1 = S2 is given by eq 3:
ΔE =

∫S dS{2κbH2} − ∫S dS{2κbH2} − ∫S dS{ξ}
2

+

1

∫C dr{λ}
1

1

(3)

The last term in eq 3 introduces a constraint for a section of
the membrane to transition into a spherical bud at a constant
area. If there is a lipid source, the membrane can transition
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without requiring breaks by recruiting lipids from the source
(Figure 6a and c). In the absence of a lipid source, the

ΔERB,d, as a function of bud size, RB, for transitions without a
lipid source. Note the logarithmic scale on both the x and y
axes. The change in free energy is positive (endergonic) for all
bud sizes and is signiﬁcantly above the thermal energy scale
kBT = 4.11 × 10−21 J, where T = 298 K is the temperature and
kB is the Boltzmann constant. Since the adhesion energy and
the edge energy scale as ∼ξRd2 and ∼λRd, buds of small RB
have a lower energy of formation than buds of large RB.
For a cylindrical section of membrane on a cylindrical ﬁber
of radius Rf, there are multiple combinations of radii, Rc, and
length, Lc, of the membrane that can produce a spherical bud
with radius, RB =
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R cLc
2

. The change in energy for forming a

spherical bud is given by eq 5:

ij
L yz
ΔE RB ,c = πκBjjj8 − c zzz + 4πR cλ − 2πR cLcξ
j
R c z{
k

(5)

For transitions to a spherical bud of radius, RB, longer sections
of membrane, Lc, and membranes with smaller radii, Rc, result
in a larger change in energy than a similar transition from
shorter sections of membrane, Lc, and membranes with larger
radii, Rc. This is because the elastic potential energy due to
L
curvature of the membrane scale as ∼ Rc . The adhesion energy
c

and the edge energy scale as ∼2πRcLcξ and ∼4πRcλ.
Intriguingly, bud formation on nanocylinders of diﬀerent
lengths can result in zero and even negative change in free
energies (exergonic). This is because for sections of membrane
with Lc ≥ 8 the ﬁrst term in eq 5 is negative or zero. Figure 6c

Figure 6. Budding energy. The upper schematics show a surfaceattached planar membrane disk on a surface transitioning to a
spherical surface-attached bud at a constant surface area, S1 = S2. The
colors of the line denote the diﬀerent adhesion energies as described
in the legend in panel d. (a, b) Plots of the change in free energy,
ΔERB,d as a function of the radius of the bud RB when the membrane
transitions from a planar disk to a spherical bud. (a) ΔERB,d when
there is lipid source. (b) ΔERB,d when there is no lipid source. All
energies are relative to the thermal energy scale, kBT. (c, d) Plots of
isoenergy lines ΔERB,d = 0 in Rc−Lc phase space when a membrane
transitions to a spherical bud. (c) Plot showing the isoenergy lines
when there is a lipid source. (d) Plot showing the isoenergy lines
when there is no lipid source. The magnitude and sign of ΔERB,c at
each coordinate can be obtained by substituting (Rc, Lc, ξ) into eq 5
given the in main text. Note the logarithmic scale on both the x- and
y-axes of these plots.

Rc

shows isoenergy plots where ΔERB,c = 0 plotted in Rc− Lc phase
space. The colors of the line indicate diﬀerent magnitudes of
the adhesion potential. The isoenergy lines delineate the
endergonic and exergonic regions. The magnitude and sign of
ΔERB,c at each coordinate can be obtained by substituting (Rc,
Lc, ξ) into eq 5. The bud size that is formed at that coordinate
is given by RB =

. Coordinates at decreasing values of Rc

and increasing values of Lc from a given isoenergy line show
exergonic changes in free energies of increasing magnitudes.
Coordinates toward increasing values of Rc and decreasing
values of Lc from a given isoenergy line show endergonic
changes in free energies of increasing magnitudes. The model
shows that attractive adhesion potentials of increasing
magnitude results in a decrease in the range of ﬁber radii
that can support the exergonic formation of buds for a given
ﬁber length. Formation of buds with breaks in the membrane
decreases the size of the exergonic region (Figure 6d).
Interestingly, the exergonic formation of spherical buds from
surface templated lipid ﬁlms is peculiar to ﬁbers with
cylindrical geometry. Membranes templated on spherical
particles, despite their curvature, have an overall endergonic
change in free energy (see Supporting Information).
Assembly of GUV Buds Proceeds through Energetically Favorable Merging of Nanobuds. We estimate the
number of buds that form per unit area of surface, using eq 6:

membrane must form breaks, with an edge energy λ integrated
over the perimeter of the break C1 to allow the lipids to
reconﬁgure to form a spherical bud (Figure 6b and d). Because
of the local diﬀerences in lipid deposition, it is likely that
regions with lipid sources and regions without lipid sources are
present on the surfaces. We thus consider both scenarios in our
calculations of the budding energy.
Free Energy Change of Budding Can Be Negative on
Nanoscale Cylinders. The curvature elastic energy of a
spherical bud is 8πκB and is independent of the size of the
bud.49 The change in energy for lifting a planar membrane
disk, with a radius of Rd oﬀ of the surface to form a bud of
R
radius RB = 2d is given by eq 4:
ΔE RB ,d = 8πκB + 2πR dλ − πR d 2ξ

R cLc
2

ΔER B yz
ij
zz
N ∝ expjjj−
j W + kBT zz
{
k

(4)

Figure 6a shows the change in energy, ΔERB,d, as a function of
bud size, RB, for transitions with a lipid source for values of
adhesion energies ξ = 0, −1 × 10−7, −1 × 10−6, −1 × 10−5,
and −1 × 10−4 J m−2. Figure 6b shows the change in energy,

(6)

In this equation, ΔERB is the free energy change to form a bud
of radius RB, and W is the external energy available to perform
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work on the system. The process of hydration introduces
external energy from hydrodynamic ﬂows or temperature
gradients.45 These sources of energy have been proposed to
cause the formation of giant vesicles.45 Note that unlike on
planar surfaces, thermal energy can drive the formation of
nanobuds on surfaces composed of entangled cylindrical
nanoﬁbers since the change in free energy, ΔERB, can be
negative. Independent of the geometry of the surface, because
of their lower free energy of formation (Figure 6) buds with
small RB, including buds at the nanometer scale should be
exponentially more abundant than buds with large RB.
If nanoscale buds are exponentially favored, why do we
obtain buds of sizes that range up to hundreds of micrometers
(Figure 1)? External sources of energy could cause the
formation of large buds.45 However, since inputs of external
energy is expected to be random, input of external energy
alone cannot explain the highly statistically signiﬁcant increase
in the yields of GUVs obtained from surfaces composed of
hydrophilic nanocellulose ﬁbers.
To obtain insight, we observe the evolution of the lipid ﬁlm
on tracing paper immediately after hydration using time-lapse
confocal microscopy. We ﬁnd that vesicular buds with
diameters greater than 1 μm and as large as 10 μm were
present within 4 min of hydrating the dry lipid-coated paper
(Figure 7a). The buds merge on the surface. We show an

only depends on the number of buds and not on the size of the
buds. Thus, merging, which reduces the number of buds,
reduces the free energy of the membrane and is energetically
favored (Figure 7b).
Since the reduction in energy due to merging is independent
of the size of the buds, we posit that the process of merging
observed for the micron-scale buds extends to the nanoscale.
This supposition gives us the driving force for the spontaneous
assembly of large micrometer scale buds from nanoscale buds.
We show a schematic of this process in Figure 8. We consider
an idealized pathway for forming a GUV bud 10 μm in radius
from a double bilayer membrane templated on a surface
consisting of nanoﬁbers with Rf = 12 nm and Lf = 2000 nm.
We assume that the templated membrane coats the ﬁbers
conformally and that each membrane has a thickness of 4 nm.
Therefore, the radius of the outer membrane Rc = 20 nm. We
use an adhesion energy of ξ = −1 × 10−5 J m−2 for DOPC
bilayers interacting with each other.48 We consider the case
where there is no lipid source and thus transient breaks in the
membrane must occur during budding. On a nanoﬁber, a
section of membrane of length LC ≈ 384 nm can transition to a
spherical nanobud with a radius RB ≈ 62 nm with a budding
energy ΔERB,c = 0 (Figure 8a). Since the idealized length of the
nanoﬁber, Lf, is 2000 nm, a conformal membrane can form ∼5
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buds on the ﬁber (Figure 8b). N ≈

2

( 10000
62 )

≈ 2.6 × 104 of

these nanobuds must merge to obtain a single GUV bud 10
μm in radius (Figure 8c). Nominally, the system releases
i
10000 2 y
8πκBjjj1 − 62 zzz ≈ −1 × 107kBT through budding and
{
k
merging. The highly exergonic nature of this idealized process
suggests that nanobuds are short-lived on the surfaces. This
result is consistent with the rapid emergence of micrometerscale buds on the surface of the nanocellulose paper (Figure
7a). Note that viscous dissipation and other barriers will
reduce the net energy change. In contrast, since the formation
of buds on planar surfaces is always endergonic, there is no bud
size where the budding energy ΔERB,d = 0. Using the bud radius
obtained for the nanoﬁber surface, RB = 62 nm, the budding
energy on a plane is ΔERB,d ∼ 2533 kBT per bud. The net
energy change for the formation of a GUV 10 μm in radius
through budding and merging on a planar surface is ∼8 × 107
kBT.
An increase in the magnitude of the adhesion potential, ξ, to
−1 × 10−4 J m−2 gives LC ≈ 5920 nm and RB ≈ 243 nm for
ΔERB,c = 0 on the nanoﬁber. This value of LC is ∼3 times larger
than the idealized ﬁber length, Lf = 2000 nm. Limiting the
budding to the membrane that coats a single ﬁber, that is
taking Lc = 2000 nm, the budding energy ΔERB,c ∼ 750kBT for
a bud radius RB ≈ 141 nm. The net energy change for the
formation of a GUV 10 μm in radius due to budding and
merging is ∼1 × 106 kBT. Thus, despite the nanoscale
curvature of the ﬁbers, formation of buds on this surface
becomes endergonic. The large eﬀect of the magnitude of the
adhesion potential on the energy of bud formation explains the
signiﬁcant eﬀect that silanization has on GUV yields (Figure
5a). The adhesion potential for membranes on hydrophobic
surfaces can be as high as −1 × 10−1 J m−2 because of the
formation of depleted membranes that expose hydrophobic
regions.35

(

Figure 7. Buds on the surface merge. (a) Stills from a confocal timelapse of 7 vesicle buds merging over the course of ∼5 min. The ﬁrst
image was captured 4 min after initial immersion of the lipid-coated
paper in the solution. The white arrows indicate buds that merge. (b)
Transverse schematic showing conceptually the eﬀect of merging on
the elastic energy of the ﬁlm. Each spherical bud has a constant elastic
energy of 8πκB due to mean curvature. Merging of two buds to form
one bud reduces the elastic energy by 8πκB. Scale bars: 10 μm.

example of seven small buds that were initially tens of
micrometers apart form a single large bud through a series of
cascading merging events over the course of 5 min (Figure 7a).
Merging results in the formation of buds that span many
nanoﬁbers (compare the scales in Figure 1a and b to those in
Figure 1d and e). Merging occurred with no obvious sources of
external energy. This observation suggests that merging is
energetically favored. To explain this observation, we consider
the elastic energy due to curvature of a lipid ﬁlm with
connected spherical buds. The elastic energy due to curvature
56556
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Figure 8. Schematic of the process of budding and merging of nanobuds for the assembly of GUVs. The schematic is approximately to scale of the
idealized process discussed in the text. We highlight selected ﬁbers in the schematic for clarity. In actuality, the nanocellulose paper substrate is
composed of closepacked randomly entangled ﬁbers and thus the nanobuds are likely closer to each other. (a) Membranes coat ﬁbers with Lf =
2000 nm and Rf = 12 nm. Each ﬁber is coated with two bilayers of thickness 4 nm (green lines) in the transverse schematic. The radius of the outer
membrane is Rc = 20 nm. A section of the outer membrane of length LC ≈ 384 nm can transition into a spherical nanobud with a budding energy
ΔERB,c = 0. (b) The membrane forms n ∼5 buds of radii RB = 62 nm. (c) Elastic free energy of the membrane is reduced by merging of the
nanobuds. The net change in energy is ≤0 for the process outlined in the schematic.

Figure 9. Analysis of costs and scalability of the diﬀerent surface-assisted assembly techniques. (a) Scatter plots showing the average cost of the
substrate in US dollars to produce a single GUV of a given diameter. Note the logarithmic scale on the y-axis. The points are the mean of N = 5
independent repeats and the shaded regions are one standard deviation from the mean. Bin widths are 1 μm. Electroformation had the highest costs
per GUV and tracing paper had the lowest costs per GUV. (b) Stacked bar plot of the molar yield of GUVs harvested 5 times cyclically by reusing a
single piece of tracing paper. (c) Stacked bar plot of the mols of lipid harvested as GUVs using a 48-well plate experiment and a larger-scale whole
sheet experiment. Note the logarithmic scale on the y-axis which compresses the stacks within the bars.

The budding and merging model is consistent with the
higher yields obtained through electroformation compared to
gentle hydration on glass (Figure 5a). The electric ﬁeld inputs
energy into the system which can drive bud formation. Such a
source of energy is absent for gentle hydration on glass and
regenerated cellulose dialysis membranes. Furthermore,
electric ﬁelds reduce the adhesion between phosphocholine
bilayers,27 which in our model results in the formation of a
larger number of buds for a given amount of external energy.
Clearly, the yield of GUVs obtained through spontaneous
assembly on nanocellulose paper is higher than the yield
obtained through the input of external energy from electric
ﬁelds.
Merging as the predominant mechanism for increasing the
size of the buds is consistent with the high positive correlation
between the molar yield of GUVs and the fraction of large
GUVs (Figure 5b). Many merging events must occur to obtain

buds of large diameters. This scenario is consistent with our
observations that very large GUVs are statistically rare (Figure
S2), while small GUVs are more abundant. It is rational that
surfaces that promote the formation of large numbers of
nanobuds at a high density will have a greater frequency of
merging between the buds. This increased frequency of
merging is expected to result in the formation of a greater
number of large buds on the surface. This reasoning explains
why the nanocellulose papers, which promote spontaneous
budding of the lipid ﬁlm, results in both the highest yields of
GUVs and the highest numbers of GUVs with large diameters.
Nanocellulose Paper Has Practical Methodological
and Cost Advantages for Small- and Large-Scale
Assembly of GUVs. Our data allows consideration of
practical aspects of surface-assisted assembly of GUVs. We
calculate the cost of substrates per GUV (Figure 9a) using the
lowest posted prices from the Web sites of large multinational
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suppliers of scientiﬁc materials (Table S4). The points are the
mean substrate cost for a given GUV diameter and the shaded
region around the lines are one standard deviation from the
mean. Obtaining GUVs using tracing paper has the lowest cost
per GUV of all diameters. The cost reduction is stark,
particularly for GUVs of large diameters since they occur at a
lower abundance. For example, producing a single 100 μm
diameter GUV using electroformation costs USD 0.16. The
cost is more than 100 000× lower when tracing paper (USD
0.0000013) is used as a surface. Note that for gentle hydration
on glass, GUV diameters above 60 μm were not accessible. We
use a prototypical example of producing 1 L of artiﬁcial blood,
a still unsolved challenge,53,54 to relate this cost analysis to the
required scales for potential synthetic cell or artiﬁcial tissue
applications. The typical concentration of erythrocytes in a
healthy adult male55 is 4.92 × 1012 cells/L. The biconcave cells
have an equivalent mean spherical diameter of 5.6 μm.55
Obtaining 1 L of GUVs with diameters between 5.0 and 5.9
μm at a concentration of 4.92 × 1012 GUVs/L using
electroformation would require a surface area of 530 m2.
The cost of the surface is approximately USD 12 million (12 ×
106). In contrast, obtaining the same number of GUVs using
tracing paper would require a surface area of 150 m2 at a cost
of USD 120.
In addition to being the cheapest single-use surface, the high
tensile strength of nanocellulose37,38 makes tracing paper
resilient to mechanical insults. This resiliency allows
sterilization and rigorous cleaning before use or reuse. Figure
9b shows stacked bar plots of the molar yields of GUVs
obtained from ﬁve cycles of use of a single piece of tracing
paper. We remove residual lipids and sugars before each cycle
by soaking and agitating the paper in sequential baths of
ultrapure water and chloroform before drying in a 65 °C oven.
The molar yields are unchanged within experimental variability
in each of the ﬁve cycles. SEM images of the tracing paper after
the ﬁfth cycle of use were indistinguishable from the paper
after the ﬁrst use (Figure S3). Thus, the tracing paper could be
reused many more times further lowering ﬁxed substrate costs.
For example, reusing the paper ﬁve times reduces the area of
paper needed for making 4.92 × 1012 GUVs with diameters
between 5.0 and 5.9 μm to 30 m2 and the cost to USD 24.
The manipulability of paper allows simple scale-up. We scale
our typical process, which was optimized for 48-well plates, by
using a whole sheet of tracing paper (12-in. × 9-in.), a
commercial air-brush suitable for spraying harsh volatile
solvents, and a 13-in. × 9-in. baking tray as a ﬂuid receptacle.
Figure 9c shows a stacked bar plot of the total number of
GUVs obtained from the scaled-up experiment compared to
the 48-well plate experiment. Note the logarithmic scale on the
y-axis which compresses the stacks within the bars. We obtain
about 600 times more GUVs, measured as the mols of lipids
harvested as GUVs, through the larger format experiment.
The formation of GUVs through PAPYRUS on nanocellulose papers was general to mixtures containing sterols,
lipids of various headgroups, alkyl chain lengths, alkyl chain
saturations, and to other lamellar phase forming amphiphiles.
We show in Figure 10a confocal images of GUVs with anionic
membranes composed of 1,2-dioleoyl-sn-glycero-phospho-(1′rac-glycerol) (DOPG), DOPC, and TF-Chol at 25:74.5:0.5
mol %. The ability to fabricate GUVs composed of lipids with
charged headgroups, such as DOPG, is important since the
charge density and electrical potential of the membrane aﬀects
the binding of proteins and the physical properties of the
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Figure 10. Formation of GUVs through PAPYRUS on nanocellulose
paper is general. (a) GUVs assembled from anionic membranes
composed of DOPC:DOPG:TF-Chol (74.5:25:0.5 mol %). (b)
GUVs assembled from phase separating membranes composed of
DOPC:DPPC:Cholesterol:Rhod-PE:GM1 (36:36:27.5:0.25:0.25 mol
%). The Ld domains are false colored red and the Lo domains are false
colored cyan. (c) Encapsulation of FITC-BSA into GUVs composed
of DOPC:Rhod-PE (99.5:0.5 mol %). The FITC-BSA channel is false
colored green. The Rhod-PE channel is false colored red. (d)
Polymersomes composed of PBD46PEO30:Nile Red (99.5:0.5 mol
%). Scale bar: 50 μm.

membrane.5,6 Lipids with charged headgroups such as
phosphatidylserine and phosphatidylinositol also play important roles in cell signaling and recognition.5 We show in Figure
10b GUVs obtained from a mixture of 1,2-dipalmitoyl-snglycero-3-phosphocholine (DPPC), which has two saturated
alkyl chains, DOPC, cholesterol, 1,2-dioleoyl-sn-glycero-3phosphoethanolamine-N-(lissamine rhodamine B sulfonyl)
(Rhod-PE), and the ganglioside GM1 at 36:36:27.5:0.25:0.25
mol % after quenching to room temperature. At this
composition, the lipids in the membrane phase separate into
coexisting liquid ordered, Lo, and liquid disordered, Ld
domains.56 The coexistence of the two phases is visible
through ﬂuorescence microscopy since the Rhod-PE partitions
into the Ld domains and the GM1 partitions into the Lo
domains. We visualize the partitioning of the nonﬂuorescent
GM1 through binding with ﬂuorescently labeled cholera toxin
subunit B. GUVs with coexisting phases are studied extensively
as mimics for rafts in the plasma membrane.4,7,56 We easily
obtain GUVs that encapsulate the protein bovine serum
albumin (BSA) ﬂuorescently labeled with the ﬂuorophore
ﬂuorescein isothiocyanate, FITC (Figure 10c). We show in
Figure 10d polymersomes obtained from the amphiphilic
diblock copolymer poly(butadiene-b-ethylene oxide)
PBD46PEO30. This lamellar-phase forming synthetic amphiphile produces compartments that are tougher and more
resilient than phospholipids, making them useful in drug
delivery applications.57 These results show that the assembly of
GUVs on nanocellulose paper is general to various conditions
and membrane compositions useful for biophysical studies and
for technological applications. We are currently investigating
the process of surface-assisted assembly of GUVs in high salt
solutions for an upcoming publication.
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CONCLUSIONS
The results presented here have both practical and
fundamental implications. The budding and merging model
accounts for the eﬀect of surface curvature and hydrophobicity
on the yield of GUVs and is consistent with the right-skewed
distribution of GUV diameters obtained from surface-assisted
assembly techniques. Our introduction of the concept of a
molar yield of GUVs allows statistically rigorous comparisons
between diﬀerent surfaces. Measurements of the molar yield
can be extended to studies of other parameters that could
aﬀect the formation of GUVs such as the temperature or the
ionic strength of the solution. Practically, the low cost of paper
and the ability to use standard laboratory plasticware, such as
multiwell plates and Eppendorf tubes, makes PAPYRUS using
nanocellulose paper highly accessible in the research
laboratory. The wide availability of industrial machines that
print solutions of volatile solvents and that handle paper on a
massive scale39 suggests easy adaptation to current industrial
manufacturing practices. Our results thus address practical
barriers that currently impede the promising use of GUVs as
vehicles for the delivery of drugs, for the manufacturing of
synthetic cells, and for the assembly of artiﬁcial tissues at scale.

results in a wrinkled nanocellulose sheet. These wrinkles can be
smoothed by reﬁlling the Petri dish with 60 mL of ultrapure water.
The water evaporated from the Petri dish in about 12 h at an ambient
temperature of 25 °C, reducing the time to fabricate wrinkle-free
nanocellulose paper to ∼14 h (i.e., overnight) instead of 48−72 h.
Lipid Solutions. We dissolved the lipid powders in neat
chloroform to obtain stock solutions of DOPC, DPPC, DOPG, and
cholesterol each at a concentration of 25 mg/mL. The concentration
of the stock solution of the ﬂuorescent probes TF-Chol and Rhod-PE
was 1 mg/mL. We prepared working solutions at a concentration of 1
mg/mL of DOPC:TF-Chol at 99.5:0.5 mol %, 5 mg/mL of
DOPC:DOPG:TF-Chol at 74.5:25:0.5 mol %, and 2 mg/mL of
DOPC:DPPC:Cholesterol:Rhod-PE:GM1 at 36:36:27.5:0.25:0.25
mol %. All stock and working solutions were stored in Teﬂon-capped
glass vials that were purged with argon in a −20 °C freezer and used
within 1 week of preparation.
Deposition of Lipids. We punched out circular disks with a
diameter of 9.5 mm from the cleaned nanocellulose paper, tracing
paper, and regenerated cellulose dialysis membrane, using a circle hole
punch (EK Tools Circle Punch, 3/8 in.). We deposited 10 μL of the
working solution of lipid using a glass syringe (Hamilton) onto the
paper. Similarly, for gentle hydration and electroformation, we spread
10 μL of the working lipid solution onto a 9.5 mm diameter circular
area on the substrates. We used a 9.5 mm diameter paper cutout
placed on the back surface of the slides to serve as a guide for
spreading the lipid. All substrates were placed into a standard
laboratory vacuum desiccator for a minimum of 1 h to remove traces
of solvent before proceeding to the hydration stage.
Procedure for Assembly on Lab-Made Nanocellulose Paper,
Tracing Paper, and Regenerated Cellulose Dialysis Membranes. We placed the dry solvent-free lipid-coated substrates into
individual wells of a 48-well plate. With a pipet, we added 150 μL of a
100 mM solution of sucrose in ultrapure water at the bottom corner
of the well to fully immerse the substrate. The 48-well plate was
covered with a lid, and the lipid-coated substrates were allowed to
incubate for 2 h.
Procedure for Assembly on Glass. We aﬃxed circular
poly(dimethyl)siloxane (PDMS) gaskets (inner diameter × height =
12 × 1 mm) to construct a barrier around the dry solvent-free lipid
ﬁlms. We added 150 μL of a 100 mM solution of sucrose in ultrapure
water into the gaskets and carefully constructed chambers by placing a
glass coverslip on the top surface of the PDMS gasket. We allowed the
ﬁlm to hydrate for 2 h.
Procedure for Assembly through Electroformation. We used
established protocols to prepare GUVs.41,42 We aﬃxed circular PDMS
gaskets (inner diameter × height = 12 × 1 mm) to construct a barrier
around the lipid ﬁlm. We added 150 μL of a 100 mM solution of
sucrose in ultrapure water and used a second ITO-coated glass slide
to form closed chambers. The ITO surfaces were connected to the
leads of a function generator (33120A Agilent) with conductive
copper tape. We applied a sinusoidal AC ﬁeld at a ﬁeld strength of 1.5
V/mm peak-to-peak and frequency of 10 Hz for 2 h.
Procedures for Harvesting the GUVs. For methods that use a
PDMS ring and a top slide or coverslip (gentle hydration,
electroformation), we disassembled the chamber by carefully
removing the top cover. For techniques that used 48-well plates
(PAPYRUS on nanocellulose paper and regenerated cellulose dialysis
membranes), no disassembly was required. We harvested the GUVs
from each technique identically by gently aspirating 100 μL of the
hydrating solution into a cut 1000 μL pipet tip. This procedure was
repeated exactly 6 times on diﬀerent regions to cover the whole
substrate. On the seventh time, we aspirated all the liquid, ∼150 μL,
containing the GUVs and transferred the liquid into an Eppendorf
tube. Aliquots were taken immediately for imaging.
Assembly of GUVs under Diﬀerent Conditions. The general
procedure for assembly and harvesting was similar to DOPC GUVs.
Some compositions required a higher surface concentration of
deposited lipid than DOPC. For compositions with saturated lipids
and the polymersomes,60 assembly was performed at temperatures
above the transition temperature of the amphiphile. To obtain GUVs

■

■

MATERIALS AND METHODS

Materials. We purchased indium tin oxide (ITO) coated-glass
slides (25 × 25 mm squares, surface resistivity of 8−12 Ω/sq) from
Sigma-Aldrich (St. Louis, MO). We purchased a 3 wt % aqueous
slurry of nanoﬁbrillated cellulose from the University of Maine
Process Development Center. We purchased artist grade tracing paper
(Jack Richeson & Co., Inc.), circular hole punches (EK Tools Circle
Punch, 3/8 in.), square hollow punch cutters (Amon Tech), a
Paasche Gravity Feed Airbrush Kit (Model TG-3W), and Paasche
Compressor system (Model D3000R) from Amazon Inc. (Seattle,
WA). We purchased Fisherbrand Regenerated Cellulose Dialysis
Tubing (MWCO-12 000−14 000), glass coverslips (Gold Seal, 22
mm × 22 mm), premium plain glass microscope slides (75 mm × 25
mm), and glass Petri dishes (Pyrex, 150 mm diameter) from Thermo
Fisher Scientiﬁc (Waltham, MA).
Chemicals. We purchased sucrose (BioXtra grade, purity ≥
99.5%), glucose (BioXtra grade, purity ≥ 99.5%), bovine albumin−
ﬂuorescein isothiocyanate conjugate (FITC-BSA) (albumin from
bovine, ≥7 mol FITC/mol albumin), Nile Red (technical grade), and
casein from bovine milk (BioReagent grade), from Sigma-Aldrich (St.
Louis, MO). We purchased chloroform (ACS grade, purity ≥ 99.8%,
with 0.75% ethanol as preservative), acetone (ACS grade, purity ≥
99.5%), and cholera toxin subunit B (recombinant) with Alexa Fluor
647 conjugate from Thermo Fisher Scientiﬁc (Waltham, MA). We
obtained 18.2 MΩ ultrapure water from an ELGA Pure-lab Ultra
water puriﬁcation system (Woodridge, IL). We purchased 1,2dioleoyl-sn-glycero-3-phosphocholine (18:1 (Δ9-cis) PC (DOPC)),
1,2-dioleoyl-sn-glycero-3-phospho-(1′-rac-glycerol) (DOPG), 1,2-dipalmitoyl-sn-glycero-3-phosphocholine (DPPC), cholesterol (ovine
wool), GM1 Ganglioside (Brain, Ovine-sodium salt), 23-(dipyrrometheneboron diﬂuoride)-24-norcholesterol (TopFluor-Chol), and 1,2dioleoyl-sn-glycero-3-phosphoethanolamine-N-(lissamine rhodamine
B sulfonyl) (Rhod-PE) from Avanti Polar Lipids, Inc. (Alabaster,
AL). The PBD46PEO30 polymer poly(butadiene-b-ethylene oxide)
(P9095-BdEO, lot no. P9757) was obtained from Polymer Source
Inc. (Montreal, Canada).
Fabrication of Lab-Made Nanocellulose Paper. We fabricated
nanocellulose paper in the laboratory using solution casting.58,59 We
ﬁlled a 150 mm diameter glass Petri dish with 60 mL of a 0.7 wt %
aqueous slurry of nanocellulose. A smooth sheet of nanocellulose can
be obtained by allowing the water to evaporate over the course of 2−3
days at ambient temperature (T ∼ 25 °C). We found that the process
can be accelerated if the slurry is placed in a 65 °C oven. The water
evaporates within 2 h instead of 2−3 days. However, the rapid drying
56559
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with anionic membranes, we deposited 50 μg of DOPC:DOPG:TFChol (75:24.5:0.5 mol %) on the surface of tracing paper. Assembly
and harvesting was performed at room temperature. To obtain GUVs
with phase separating membranes, we deposited 20 μg of
DOPC:DPPC:Cholesterol:Rhod-PE:GM1 (36:36:27.5:0.25:0.25 mol
%) onto the surface of tracing paper. Assembly was performed at 65
°C. The images in Figure 10b were captured after cooling the sample
to room temperature and adding cholera toxin subunit B to a ﬁnal
concentration of 6 nM (10 μg/mL). To obtain polymersomes, we
deposited 50 μg of PBD46PEO30:Nile Red (99.5:0.5 mol %) onto the
surface of tracing paper and then hydrated the sample on a hot plate
set at 80 °C for 2 h. GUVs loaded with FITC-BSA were prepared by
depositing 10 μg of DOPC:Rhod-PE (99.5:0.5 mol %) onto the
surface of tracing paper. We, then, hydrated the lipid-coated paper
with 1.5 μM FITC-BSA in 100 mM sucrose. After assembly, the
unencapsulated FITC-BSA was cleared from the solution by moving
the lipid-coated paper into a 150 μL droplet of a solution of 100 mM
of sucrose devoid of FITC-BSA before harvesting.60
Additional methods are provided in the Supporting Information.

■

REFERENCES

(1) Has, C.; Sunthar, P. A Comprehensive Review on Recent
Preparation Techniques of Liposomes. J. Liposome Res. 2020, 30,
336−365.
(2) Rideau, E.; Dimova, R.; Schwille, P.; Wurm, F. R.; Landfester, K.
Liposomes and Polymersomes: A Comparative Review Towards Cell
Mimicking. Chem. Soc. Rev. 2018, 47, 8572−8610.
(3) Beber, A.; Taveneau, C.; Nania, M.; Tsai, F.; Di Cicco, A.;
Bassereau, P.; Levy, D.; Cabral, J. T.; Isambert, H.; Mangenot, S.;
Bertin, A. Membrane Reshaping by Micrometric Curvature Sensitive
Septin Filaments. Nat. Commun. 2019, 10, 420.
(4) Yang, S.; Kreutzberger, A. J. B.; Kiessling, V.; Ganser-Pornillos,
B. K.; White, J. M.; Tamm, L. K. HIV Virions Sense Plasma
Membrane Heterogeneity for Cell Entry. Sci. Adv. 2017, 3, E1700338.
(5) Okur, H. I.; Tarun, O. B.; Roke, S. Chemistry of Lipid
Membranes from Models to Living Systems: A Perspective of
Hydration, Surface Potential, Curvature, Confinement and Heterogeneity. J. Am. Chem. Soc. 2019, 141, 12168−12181.
(6) Dimova, R. Giant Vesicles and their Use in Assays for Assessing
Membrane Phase State, Curvature, Mechanics, and Electrical
Properties. Annu. Rev. Biophys. 2019, 48, 93−119.
(7) Veatch, S. L.; Keller, S. L. Separation of Liquid Phases in Giant
Vesicles of Ternary Mixtures of Phospholipids and Cholesterol.
Biophys. J. 2003, 85, 3074−3083.
(8) Fujioka, Y.; Alam, J. M.; Noshiro, D.; Mouri, K.; Ando, T.;
Okada, Y.; May, A. I.; Knorr, R. L.; Suzuki, K.; Ohsumi, Y.; Noda, N.
N. Phase Separation Organizes the Site of Autophagosome
Formation. Nature 2020, 578, 301−305.
(9) Loiseau, E.; Schneider, J. A. M.; Keber, F. C.; Pelzl, C.; Massiera,
G.; Salbreux, G.; Bausch, A. R. Shape Remodeling and Blebbing of
Active Cytoskeletal Vesicles. Sci. Adv. 2016, 2, E1500465.
(10) Kurihara, K.; Tamura, M.; Shohda, K.; Toyota, T.; Suzuki, K.;
Sugawara, T. Self-Reproduction of Supramolecular Giant Vesicles
Combined with the Amplification of Encapsulated DNA. Nat. Chem.
2011, 3, 775−781.
(11) Schoneberg, J.; Pavlin, M. R.; Yan, S.; Righini, M.; Lee, I.-H.;
Carlson, L.-A.; Bahrami, A. H.; Goldman, D. H.; Ren, X.; Hummer,
G.; Bustamante, C.; Hurley, J. H. ATP-Dependent Force Generation
and Membrane Scission by ESCRT-III and Vps4. Science 2018, 362,
1423−1428.
(12) Osawa, M.; Erickson, H. P. Liposome Division by a Simple
Bacterial Division Machinery. Proc. Natl. Acad. Sci. U. S. A. 2013, 110,
11000−11004.
(13) Steinkühler, J.; Knorr, R. L.; Zhao, Z.; Bhatia, T.; Bartelt, S. M.;
Wegner, S.; Dimova, R.; Lipowsky, R. Controlled Division of CellSized Vesicles by Low Densities of Membrane-Bound Proteins. Nat.
Commun. 2020, 11, 905.
(14) Zong, W.; Ma, S.; Zhang, X.; Wang, X.; Li, Q.; Han, X. A
Fissionable Artificial Eukaryote-Like Cell Model. J. Am. Chem. Soc.
2017, 139, 9955−9960.
(15) Barba-Bon, A.; Pan, Y. C.; Biedermann, F.; Guo, D. S.; Nau, W.
M.; Hennig, A. Fluorescence Monitoring of Peptide Transport
Pathways into Large and Giant Vesicles by Supramolecular Host-Dye
Reporter Pairs. J. Am. Chem. Soc. 2019, 141, 20137−20145.
(16) Muraoka, T.; Umetsu, K.; Tabata, K. V.; Hamada, T.; Noji, H.;
Yamashita, T.; Kinbara, K. Mechano-Sensitive Synthetic Ion
Channels. J. Am. Chem. Soc. 2017, 139, 18016−18023.
(17) Garten, M.; Mosgaard, L. D.; Bassereau, P.; Toombes, G. E. S.;
et al. Whole-GUV Patch-Clamping. Proc. Natl. Acad. Sci. U. S. A.
2017, 114, 328−333.
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P. Enzymatic Reactions in Confined Environments. Nat. Nanotechnol.
2016, 11, 409−420.
(21) Mantri, S.; Sapra, K. T. Evolving Protocells to Prototissues:
Rational Design of a Missing Link. Biochem. Soc. Trans. 2013, 41,
1159−1165.
(22) Li, Q.; Li, S.; Zhang, X.; Xu, W.; Han, X. Programmed
Magnetic Manipulation of Vesicles into Spatially Coded Prototissue
Architectures Arrays. Nat. Commun. 2020, 11, 232.
(23) Krinsky, N.; Kaduri, M.; Zinger, A.; Shainsky-Roitman, J.;
Goldfeder, M.; Benhar, I.; Hershkovitz, D.; Schroeder, A. Synthetic
Cells Synthesize Therapeutic Proteins Inside Tumors. Adv. Healthc.
Mater. 2018, 7, 1701163.
(24) Dhand, C.; Prabhakaran, M. P.; Beuerman, R. W.;
Lakshminarayanan, R.; Dwivedi, N.; Ramakrishna, S. Role of Size of
Drug Delivery Carriers for Pulmonary and Intravenous Administration With Emphasis on Cancer Therapeutics and Lung-Targeted
Drug Delivery. RSC Adv. 2014, 4, 32673−32689.
(25) Reeves, J. P.; Dowben, R. M. Formation and Properties of
Thin-Walled Phospholipid Vesicles. J. Cell. Physiol. 1969, 73, 49−60.
(26) Bangham, A. D.; Standish, M. M.; Watkins, J. C. Diffusion of
Univalent Ions Across the Lamellae of Swollen Phospholipids. J. Mol.
Biol. 1965, 13, 238−252.
(27) Dimitrov, D. S.; Angelova, M. I. Lipid Swelling and Liposome
Formation Mediated by Electric Fields. Bioelectrochem. Bioenerg. 1988,
19, 323−336.
(28) Pereno, V.; Carugo, D.; Bau, L.; Sezgin, E.; Bernardino De La
Serna, J.; Eggeling, C.; Stride, E. Electroformation of Giant
Unilamellar Vesicles on Stainless Steel Electrodes. ACS Omega
2017, 2, 994−1002.
(29) Horger, K. S.; Estes, D. J.; Capone, R.; Mayer, M. Films of
Agarose Enable Rapid Formation of Giant Liposomes in Solutions of
Physiologic Ionic Strength. J. Am. Chem. Soc. 2009, 131, 1810−1819.
(30) Weinberger, A.; Tsai, F. C.; Koenderink, G. H.; Schmidt, T. F.;
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