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ABSTRACT: Self-assembled micrometer-scale vesicles composed of lamellar phase forming amphiphiles are useful as
chemical microreactors, as minimal artiﬁcial cells, as protocell
mimics for studies of the origins of life, and as vehicles for the
targeted delivery of drugs. Given their varied uses, discovery of
a universal mechanism that is simple, rapid, and that produces
vesicles from a large variety of amphiphiles with diﬀerent
chemical and physical properties at high yield is extremely
desirable. Here we show that cellulose, in the form of cellulose
paper, facilitates the assembly of membranous vesicles 5−20
μm in diameter from scientiﬁcally and technologically
important amphiphiles of diverse chemical structures and
functionality such as fatty acids (fatty acid vesicles), amphiphilic diblock copolymers, and amphiphilic triblock copolymers
(polymersomes). Assembly of vesicles occurred within 90 min of placing the amphiphile-coated cellulose paper into aqueous
solutions. Varying thermal and chemical conditions, however, are required for the high-yield assembly of vesicles from the
diﬀerent amphiphiles. The vesicles, when attached to cellulose ﬁbers, have membranes that remain unsealed. This topological
characteristic of the vesicles grown on paper allowed the scalable separation of the process of growth from the process of loading
cargo (temporally decoupled growth and loading). We demonstrate a temporally decoupled process to rapidly produce large
quantities of protein-loaded polymersomes on the benchtop by using high temperatures to accelerate the growth of the
polymersomes and subsequently milder temperatures during diﬀusive loading of the protein cargo.
such as on the clay montomorillonite17 and on hydrocarbon
covered glass.45 Polymersomes from diblock and triblock
copolymers have been produced through gentle hydration,5,11,46,47 through electroformation5,46 through microﬂuidic
methods,37,48 and through gel-assisted hydration.6,49−52
We have recently shown that dry phospholipid and
sphingolipid ﬁlms deposited on the cellulose ﬁbers of
chromatography and ﬁlter paper, when placed into aqueous
solutions, spontaneously assemble into giant liposomes.53 Here
we report that the phenomena of cellulose paper-abetted
assembly is general to lamellar phase forming amphiphiles of
diverse chemical structures and chemical complexities such as
fatty acids, amphiphilic diblock copolymers, and amphiphilic
triblock copolymers. We also show that the vesicles when
attached to the cellulose ﬁbers remain open to the environment, allowing for the diﬀusive loading of cargo from the
external phase after the process of vesicle growth was complete
(temporally decoupled growth and loading). Extraction of
vesicles from the paper seals the membrane thus encapsulating
the cargo. This easily scalable temporally decoupled process of

1. INTRODUCTION
Vesicles with semipermeable membranes composed of
amphiphilic molecules, that is, molecules with both a
hydrophilic group and a hydrophobic group, can encapsulate
and compartmentalize ﬁnite aqueous regions within a larger
aqueous continuous phase. Amphiphiles with a hydrophilic/
lipophilic balance ratio, HLB, of about 10, or with packing
v
parameters, a l ∼ 1, where v is the volume of the hydrophobic
0c

group, lc is the critical length of the hydrophobic group, and a0
is the preferred area of the hydrophilic group, assemble into
vesicles when present above their critical aggregation
concentration1 in aqueous solutions. A variety of chemically
distinct molecules such as phospholipids,2 sphingolipids,2 fatty
acids,3,4 fatty alcohols,3,4 and amphiphilic block copolymers5−8
assemble into vesicles. Vesicles assembled from these
amphiphiles have fundamental importance in basic research
and applied technologies ranging from their use as chemical
reactors,9−16 models for primitive cells,17−22 artiﬁcial cells,23−29
contrast agents,30,31 drug carriers,32−39 and artiﬁcial blood.40−42
Various methods have been reported for assembling vesicles.
Fatty acid vesicles can grow in bulk through agitation,43,44 a
change in pH4, or upon the addition of cosurfactants4 or fatty
acid micelles.22 Fatty acid vesicles can also form on surfaces
© 2018 American Chemical Society
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2. EXPERIMENTAL SECTION

loading (i.e., as opposed to simultaneous growth and loading)
of self-assembled vesicles, allowed for conditions that were
dissimilar during vesicle growth and during vesicle loading.
We ﬁnd that a large number of vesicles can be produced
within 90 min from paper coated with nominal surface
concentrations of O (0.1−1) nmol/mm2 of these amphiphiles.
The conditions for the formation of vesicles on cellulose paper,
however, is diﬀerent for each of the amphiphiles. To quantify
systematically the properties of the vesicles produced from the
diﬀerent amphiphiles on cellulose paper, we developed a
method of analysis that used confocal ﬂuorescence microscopy
and digital image analysis. We produced vesicles that had a
higher buoyant density than the surrounding solution by (i)
encapsulating sucrose or polymers of sucrose in the vesicles and
(ii) suspending the vesicles in a continuous phase consisting of
an isomolar solution of glucose. Over the course of 2 h, tens of
thousands of vesicles sedimented to a single plane at the
bottom of an imaging chamber and their motion in the solution
dampened. We then obtained centimeter square ﬂuorescence
tile scan images of the solution at this plane, at a pixel
resolution of 457 nm, and used digital image analysis to
quantify the diameters and the degree of lamellarity of the
vesicles. Compared to previously reported methods for
fabricating vesicles, the cellulose paper-abetted method uses
sustainable and easily manipulated paper, does not require a
power source, leaves the membranes free of contamination by
cellulose,53 and is rapid. These features of the method suggest
signiﬁcant advantages for scalability and general applicability.
Fatty acid vesicles formed at room temperature in a buﬀer
with a pH of 8.5 when the nominal surface concentration of
oleic acid on the paper was between 1−3 nmol/mm2. About
70% of the fatty acid vesicles were between 5 and 10 μm in
diameter, and 66% of the vesicles were unilamellar. For the
amphiphilic diblock copolymer poly(butadiene-b-ethylene
oxide) PBD46PEO30, vesicle growth, when limited to 90 min,
required buﬀer temperatures of 80 °C. For growth at lower
temperatures, these polymer vesicles, referred to as polymersomes, required incubation times of 12 h or more. The median
sizes of polymersomes grown at 80 °C was 9 μm for nominal
surface concentrations between 0.1 and 0.6 nmol/mm2. Ninety
six percent of the polymersomes were unilamellar. To
demonstrate that growth at high temperatures does not limit
the practical application of PBD46PEO30 polymersomes
produced on cellulose paper, we encapsulated a model protein,
ﬂuorescein isothiocyanate conjugated with bovine serum
albumin (FITC-BSA), at room temperature after growing the
PBD46PEO30 polymersomes at 80 °C. Polymersomes also
formed on cellulose paper coated with 0.6−1 nmol/mm2 of the
amphiphilic triblock copolymer polyoxyethylene−polyoxypropylene−polyoxyethylene (PEO5PPO67PEO5, Pluronic L121), at
room temperature, within 90 min. Incubating the paper at
higher temperatures resulted in the formation of Pluronic L121
droplets rather than polymersomes. We show that this result is
due to the Pluronic L121 membranes condensing irreversibly to
form droplets upon heating. Along with single Pluronic L121
polymersomes, we also observed doublets, triplets, and clusters
of polymersomes with shapes reminiscent of soap bubbles.
Some of the Pluronic L121 polymersomes also had polymer
accretions on the membrane. These structural properties of the
Pluronic L121 polymersomes diﬀered from those of fatty acid
vesicles and PBD46PEO30 polymersomes.

2.1. Materials. We purchased polystyrene well inserts (CellCrown
24 Scaﬀdex) from Sigma-Aldrich and Whatman Ashless Grade 42
Filtration Paper, 24-well polystyrene multiwell plates (Corning
Costar), glass microscope slides (Thermo Scientiﬁc), and glass
coverslips (No. 1 thickness, Thermo Scientiﬁc) from Thermo Fisher
Scientiﬁc (Waltham, MA).
2.2. Chemicals. We purchased methanol (HPLC grade, purity
≥99.9%), oleic acid (purity ≥99%), sodium oleate (purity ≥95%),
poly(ethylene glycol)-block-poly(propylene glycol)-block-poly(ethylene glycol) (Pluronic L121, Pluronic F68, Pluronic L61), Triton
X-100 (BioXtra grade), sodium dodecyl sulfate (BioXtra grade,
≥99.0%), myristoleic acid (purity ≥99%), myristic acid (purity
≥99%), α-hemolysin, ﬂuorescein sodium salt (BioReagent grade),
Direct Red 23 (Dye content 30%), Nile Red (microscopy grade),
sucrose (BioXtra grade, purity ≥99.5%), glucose (BioXtra grade, purity
≥99.5%), albumin−ﬂuorescein isothiocyanate conjugate (FITC-BSA;
albumin from bovine, ≥7 mol FITC/mol albumin), and casein from
bovine milk from Sigma-Aldrich. We purchased chloroform with
0.75% ethanol as preservative (ACS grade, purity ≥99.8%), Bicine
buﬀer, pH 8.5, low endotoxin, and 20× phosphate buﬀered saline
(PBS; 200 mM sodium phosphate, 3 M sodium chloride, Ultra Pure
grade) from Thermo Fisher Scientiﬁc, and poly(butadiene-b-ethylene
oxide) (P9095-BdEO, lot# P9757) from Polymer Source Inc.
(Montreal, Canada). We refer to this block copolymer as PBD46PEO30
in this paper. We obtained 18.2 MOhm ultrapure water from an ELGA
Pure-lab Ultra water puriﬁcation system (Woodrige, IL).
2.3. PAPYRUS Method. Similar to our previously published
protocol for producing liposomes,53 we ﬁrst prepared a solution of the
desired amphiphile in a good solvent. We used chloroform to dissolve
oleic acid, PBD46PEO30, or Pluronic L121 along with 0.5 mol % Nile
Red to serve as a ﬂuorescent indicator for the membranes. Figure 1a−c
shows the structural formulas, molecular weights, and schematic
representations of the structures of the membranes that assemble from
the members of the three classes of lamellar phase forming
amphiphiles that we used in this work. We cut a piece of Whatman
Grade 42 ﬁlter paper into a rough circle 15 mm in diameter (Figure
1d(i)). We molded the paper into the shape of the CellCrown insert
and then deposited 10 μL of the solution of amphiphile onto the
center of the molded paper (Figure 1d(ii)). The diameter of the paper
that spanned the opening of the CellCrown insert was 12 mm. The
nominal surface concentration of the amphiphile on the paper was the
moles of the amphiphile that we deposited over the area of the paper
that spanned the opening of the CellCrown (π(6)2 mm2). We placed
the paper in a vacuum chamber for 60 min to evaporate all traces of
solvent. We then aﬃxed the paper to the CellCrown insert, the 3 mm
overhang of the paper slipped under the elastic, securely aﬃxing the
amphiphile-coated region over the opening (Figure 1d(iii)). We added
1.0 mL of the growth buﬀer into the wells of a 24-well plate and then
gently inserted the CellCrown into the well, careful to ensure that the
amphiphile coated region was fully submerged in the growth buﬀer.
The composition of the buﬀer used to grow the fatty acid vesicles was
0.2 M Bicine + 250 mM sucrose + 1 mM sodium oleate. The pH of
the buﬀer was 8.5. We used sodium oleate in the buﬀer to ensure that
the samples were above the critical aggregation concentration of oleic
acid. For the PBD46PEO30 polymersomes, the composition of the
buﬀer used for growth was 250 mM sucrose. For the Pluronic L121
polymersomes, the composition of the buﬀer used for the growth was
25 μM of Ficoll 400. We typically allowed the paper to incubate for 90
min. After 90 min, we carefully removed the CellCrown from the well
and quickly (<1 s) transferred the inset into a new empty well. We
then poured 600 μL of the extraction buﬀer into the CellCrown. The
extraction buﬀer ﬂows through the paper and detaches the structures
that had formed on the paper. The extraction buﬀers were isomolar
and replaces glucose for sucrose. For growth above room temperature,
the buﬀers were prewarmed and the 24-well plate placed on a hot plate
set at the desired temperature. An alternate method for growth and
extraction involved placing the dry amphiphile-coated-paper into 300
μL of growth buﬀer contained in a custom-built circular PDMS ring
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polymersomes on the glass. We left the chamber undisturbed on a lab
bench for 2.5 h to allow the vesicles to sediment to the bottom
coverslip. After the prescribed time, we obtained a statistical
representation of the sample by taking 100 images [850.19 μm ×
850.19 μm (1860 × 1860 pixels)] of the region close to the bottom of
the coverslip using an automated tile scan routine. We used a 10× Plan
NeoFluor objective with a numerical aperture (NA) of 0.3 for the tile
scans. We performed our tilescans with the confocal pinhole set at 1
Airy Unit (A.U.), which resulted in a confocal slice thickness of 13.1
μm. We used an autofocus routine that focused at the plane of the
glass slide by locating the plane that reﬂected laser light maximally. For
vesicles less than 30 μm in diameter, the confocal volume captured the
equatorial diameter. For vesicles greater than 30 μm in diameter, a
section of the sphere was imaged and thus the “true” diameter of the
vesicle is underestimated. Note, however, that the majority of the
vesicles that we obtained were smaller than 30 μm in diameter. Further
details and typical images from the tile scans are shown in Supporting
Information, Figure 2.
2.5. Image Analysis. We analyzed our images using a custom
routine in Matlab R2016a (Mathworks Inc.). The routine equalized
the histogram of the images, thresholded the images, and then
implemented a watershed algorithm to segment the images to
distinguish ﬂuorescent objects from the background (see Supporting
Information, Figure 2, for typical images). The native regionprops
routine collected the equivalent diameters and mean intensities of the
segmented objects. We typically obtained sample sizes on the order of
104 −105 objects per sample.
2.6. Loading Polymersomes with FITC-BSA. We grew the
polymersomes for 60 min using paper coated with a nominal surface
concentration of PBD46PEO30 of 0.2 nmol/mm2 at 80 °C in a solution
of 250 mM sucrose. We then cooled the sample to room temperature
and added a concentrated stock of 20X PBS to increase ionic strength
to those matching physiological conditions (1X PBS). We removed
the CellCrown and added 40 μL of a solution of 2.5 mg/mL FITCBSA dissolved in 1X PBS into the well with the growth buﬀer and
mixed the solution thoroughly to obtain a ﬁnal concentration of 1.5
μM of FITC-BSA. We then reinserted the CellCrown and allowed the
sample to incubate for a further 1 h in the protein solution. After an
hour we used 1 mL of a solution of 250 mM glucose + 1X PBS to
extract the polymersomes from the paper. We transferred the
suspension to a 2 mL Eppendorf tube and used a tabletop
microcentrifuge (Sorvall Legend Micro 21) to spin the samples at
5000 revolutions per min (RPM) for 20 min. We removed the bottom
100 μL fraction from the tube and resuspended the polymersomes in
900 μL of fresh buﬀer in a new Eppendorf tube before spinning the
sample at 5000 RPM for a further 20 min. We performed the spinresuspension cycle two more times to clear the continuous phase of
unencapsulated FITC-BSA. On the ﬁnal spin cycle, we collected the
bottom 40 μL fraction from the Eppendorf tube and transferred the
fraction into an imaging chamber composed of two glass coverslips
adhered by a custom cut double-sided tape gasket.
2.7. Quantiﬁcation of the Loaded Percentage. We collected
multichannel images of the polymersomes and used our Matlab
routine to analyze the images. The Nile Red channel served to locate
the boundaries of the polymersomes. We calculated the mean intensity
in the FITC channels within the identiﬁed polymersome boundaries.
FITC ﬂuorescence was excited with the 488 nm laser line of an argon
laser.

Figure 1. Three classes of amphiphiles that assembled into vesicles on
cellulose paper. Molecular formula, molecular structure, molecular
weights, and schematic representations of the membranes formed from
(a) oleic acid. Oleic acid forms bilayer membranes when
approximately half the carboxyl headgroups are protonated and half
are deprotonated. (b) PBD46PEO30. The diblock copolymer forms
bilayer membranes that are mechanically robust and less permeable
than membranes formed from lipids. (c) PEO5PPO67PEO5, Pluronic
L121. The ABA triblock copolymer forms loosely held together
membranes that might adopt monolayer and/or bilayer conﬁgurations.
In the schematic, we use blue to indicate the hydrophilic group of the
amphiphile and black to indicate the hydrophobic group. (d)
Photographs of the various stages of the cellulose paper prior to
immersion in the aqueous growth buﬀer: (i) blank paper, (ii)
amphiphile deposited on the paper and the solvent evaporated, and
(iii) the amphiphile-coated-paper loaded onto the CellCrown well
insert. The pink stain on the paper is due to the Nile Red in the
amphiphile solution. Scale bar 6 mm.
(16 mm inner diameter, 3 mm thickness) covalently bonded to a glass
slide. After 90 min, we added 300 μL of the extraction buﬀer to the
chamber and used a 1000 μL pipet to aspirate the surface of the paper
to detach the structures into the bulk. We cut the end of the pipet tip
to increase the diameter of the opening and thus reduce the shear
stresses associated with the aspiration. This method usually increased
the eﬃciency of extraction of the structures from the paper. Direct Red
23 assays showed that similar to previous reports,53 cellulose does not
associate with the membrane of the vesicles (Supporting Information,
Figure 1)
2.4. Imaging. We acquired images with a confocal laser scanning
microscope mounted on an upright stand (LSM 880, Axio
Imager.Z2m, Zeiss, Germany). Nile Red ﬂuorescence was excited
with a 561 nm diode laser. For the in situ images of the vesicles
growing on the paper we used a PlanApochromat 63× water dipping
objective with a numerical aperture (NA) of 1.0. To obtain images of
the extracted vesicles, we fabricated custom imaging chambers by
covalently bonding a PDMS gasket to a No. 1 glass coverslip. We
transferred the solution containing the extracted vesicles into the
imaging chamber and placed a second coverslip on the top of the
PDMS gasket to seal the chamber. We blocked the coverslips with a
solution of casein54 to prevent rupture of the fatty acid vesicles or

3. RESULTS AND DISCUSSION
3.1. General Mechanism for Assembling Vesicles on
Cellulose Paper. Figure 1a−c shows the structural formulas,
molecular weights, and schematic representations of the
structures of the membranes that assembled from the members
of three classes of lamellar phase forming amphiphiles that we
used in this work. Oleic acid, (CH 3 (CH 2) 7 CHCH(CH2)7COOH (molecular weight, MW = 282.46), is a
relatively simple amphiphile, consisting of a single hydrophobic
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acid, Triton-X 100, or the amphiphilic triblock copolymer
Pluronic F68 do not assemble into vesicles on cellulose paper
(Supporting Information, Figure 3). To the best of our
knowledge, cellulose only facilitates the formation of vesicles
from amphiphiles that have packing parameters that favor the
formation of lamellar phases. Although we chose a single
representative species from each of the amphiphile classes
(which span a wide range in chemical complexities and
chemical properties) for investigation of conditions of
formation and for investigation of vesicle properties, our
experiments show that cellulose paper also abets the formation
of vesicles from amphiphiles such the triblock copolymer
Pluronic L61 and the fatty acid myristoleic acid. Thus, it is
likely that conditions can be discovered for forming vesicles on
cellulose paper using amphiphiles not explicitly tested in this
work.
3.2. Preparation of Fatty Acid Vesicles from Oleic Acid
Using Cellulose Paper. Figure 2a−c shows scanning confocal
micrographs of paper coated with oleic acid at nominal surface
concentrations of 0.3, 3, and 6 nmol/mm2 90 min after
incubation in the growth buﬀer (0.2 M Bicine +1 mM sodium
oleate +250 mM sucrose, pH 8.5). Samples with 0.3 nmol/mm2
of oleic acid did not have any apparent vesicles growing on the
paper (Figure 2a). Samples with 10-fold higher nominal surface
concentrations of oleic acid (3 nmol/mm2) had numerous fatty
acid vesicles growing on the paper (Figure 2b). Similar to
previous reports,45,58,59 the fatty acid vesicles on the cellulose
ﬁbers were highly dynamic and had vigorously ﬂuctuating
membranes. Along with the fatty acid vesicles, we also observed
fatty acid droplets and multivesicular structures on the paper.
Doubling the nominal surface concentration of oleic acid to 6
nmol/mm2 resulted in a large number of highly ﬂuorescent
fatty acid droplets and multivesicular structures (Figure 2c).
The high ﬂuorescence intensity of these structures obscured the
presence of fatty acid vesicles, if any, in our images (Figure 2c).
Figure 2d−f shows representative images of the fatty acid
structures that we extracted from the cellulose ﬁbers.
Consistent with the images on the paper, we hardly found
any structures from samples prepared with 0.3 nmol/mm2 of
oleic acid (Figure 2d). Samples prepared with 3 nmol/mm2 of
oleic acid yielded a large number of fatty acid vesicles. Their
spherical appearance and thin uniformly ﬂuorescent membrane
readily distinguishes fatty acid vesicles from droplets,
aggregates, and other structures that were also present (Figure
2e). Fatty acid droplets dominated samples extracted from
paper with nominal surface concentrations of 6 nmol/mm2
(Figure 2f). This observation remains consistent at higher
surface concentrations, including when we used neat oleic acid
(nominal surface concentration = 280 nmol/mm2). Figure 2g,h
shows higher magniﬁcation images of a fatty acid vesicle and a
fatty acid droplet, demonstrating their very diﬀerent structures.
We conclude from these experiments that the surface
concentration of the fatty acids is critical for obtaining relatively
homogeneous populations of fatty acid vesicles from cellulose
paper. High concentrations of fatty acids resulted in the
formation of a large number of fatty acid droplets, whereas
concentrations below ∼1 nmol/mm2 yielded few to no vesicles.
A nominal surface concentration of 1−3 nmol/mm2 produced
optimal results.
To further quantify our results, we analyzed the size
distribution and estimate the lamellarity of the fatty acid
vesicles extracted from samples prepared with 3 nmol/mm2 of
oleic acid. Figure 2i shows a histogram of the diameters of n =

18 carbon alkyl chain with an unsaturated bond at C9 and a
hydrophilic carboxylic acid headgroup (Figure 1a). Amphiphiles
with single alkyl chains typically form micelles, since their
molecular geometries lead to packing parameters that are less
than 1.1 The diﬀerences in protonation of the carboxyl group as
a function of pH, however, can lead to conditions in which
lamellar bilayers are favored.18,55 At a pH range of 7−9, about
half the carboxyl headgroups are protonated and half are
deprotonated. The carboxyl headgroups can dimerize transiently through hydrogen-bonding to form a pseudodouble
chain amphiphile with an eﬀective packing parameter ∼1.18,55
The chemical simplicity of carboxylic acids and their prebiotically plausible origins56 have made vesicles composed of fatty
acids of intense interest in studies of primitive compartments
and the origins of cellular life.17−19,23
The diblock copolymers poly(butadiene-b-ethylene oxide)
(PBDmPEOn; Figure 1b) are a family of synthetic long-chain
polymeric amphiphiles with a hydrophobic polybutadiene block
covalently bonded to a hydrophilic poly(ethylene oxide) block.
With suitable values of m and n, the packing parameter of
PBDmPEOn can be tuned to favor the formation of vesicles
(referred to as polymersomes).5,6,46 We used PBD46PEO30 with
a molecular number, Mn ∼ 3900. The diblock copolymers, due
to their large molecular numbers, form bilayer membranes with
larger thicknesses than bilayer membranes formed from
phospholipids.5,6,46 The high degree of chain entanglement of
the PBD blocks results in mechanically robust membranes with
permeabilities that are lower than the permeabilities of
membranes formed from lipids.5,6,46 Polymer synthesis
techniques have produced numerous other amphiphilic diblock
copolymers that confer polymersomes with tunable properties
such as pH sensitivity and triggered release.57 These characteristics have made polymersomes attractive as containers and
capsules.5,6,46
The commercial ABA triblock copolymer, polyoxyethylene−
polyoxypropylene−polyoxyethylene (PEO5PPO67PEO5, trade
name Pluronic L121, Mn ∼ 4400; Figure 1c) forms large
polymersomes under limited conditions.36,46 Relatively little is
known about the conﬁguration of membranes composed of
Pluronic L121 compared to membranes composed of fatty
acids, lipids, and diblock copolymers.46 The molecular structure
of the ABA triblock46 suggests that the solvation conditions for
the blocks could be satisﬁed by forming (i) monolayer
membranes similar to those formed by bolaform amphiphiles
and archaeal lipids,23 (ii) bilayer membranes, and (iii) a
combination of both a monolayer and a bilayer in a single
membrane.46 Pluronic polymersomes are reported to be
mechanically softer and more permeable to hydrophilic solutes
than polymersomes composed of diblock copolymers, which
suggests that conﬁguration (i) or (iii) occurs.36,46 The greater
permeability of Pluronic polymersomes allows for the gradual
release of encapsulated hydrophilic cargo.
All vesicles were produced through a process that involved
(1) depositing a small volume of amphiphile in a volatile good
solvent onto a piece of Whatman Grade 42 Ashless ﬁltration
paper, (2) allowing the volatile solvent to evaporate to dryness,
thus, coating the cellulose ﬁbers with the amphiphiles, and (3)
placing the dry amphiphile-coated-paper into an aqueous buﬀer
for 90 min (Figure 1d). The amphiphile solutions were doped
with 0.5 mol % Nile Red to allow ﬂuorescence visualization of
the membranes and vesicles.
Note that amphiphiles that do not form lamellar phases, such
as the single chain amphiphiles sodium dodecyl sulfate, myristic
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Thus, we only included fatty acid vesicles with diameters
greater than 5 μm in the histogram. We found that among the
clearly identiﬁed vesicular structures greater than 5 μm, 70% of
the fatty acid vesicles were between 5−10 μm in diameter, and
approximately 20% of the fatty acid vesicles were between 10−
15 μm in diameter (Figure 2i).
Figure 2j shows a histogram of the mean ﬂuorescence
intensity of the membranes of the fatty acid vesicles (white
bars). We normalized the intensities so that the maximum
intensity measured in the population is one. The distribution of
the intensities was relatively broad. The distribution had a clear
peak at a normalized intensity value of ∼0.18 and a long right
tail with potential secondary peaks. The broadness of the
distribution was inconsistent with our expectations for a
population consisting only of fatty acid vesicles with a single
membrane.60 In principle, up to ∼70 closely adhering
concentric membranes would appear as a single bright pixel
in our images (pixel size = 457 nm) due to the small
thickness3,4 of the fatty acid membrane (<6 nm). We thus
hypothesized that a mixed population consisting of fatty acid
vesicles with a single membrane (unilamellar vesicles) and fatty
acid vesicles with multiple closely spaced concentric membranes (concentric multilamellar vesicles) could lead to the
shape of the distribution that we observed.
To test this hypothesis, we analyzed the normalized intensity
values of the fatty acid vesicles further. The distribution of pixel
intensities of confocal images of lipid bilayers labeled with
ﬂuorophores can be described by a normal distribution with a
clearly deﬁned mean intensity.60 Analogous to lipid bilayers, we
expect that the intensity of the membranes of fatty acid vesicles
with a single fatty acid bilayer to correspond to the peak with
the lowest normalized intensity value and that concentric
multilamellar fatty acid vesicles would have membrane
intensities that are integer multiples of the mean intensity of
a single bilayer.60 To limit the number of parameters, we ﬁtted
the distribution of membrane intensities with three normal
distributions (orange shaded curve, green shaded curve, and
cyan shaded curve), using the method of nonlinear leastsquares (Figure 2j). We set the center of the ﬁrst normal
distribution to correspond to the ﬁrst peak, that is, μ1 = 0.18,
and the centers of the second and third distributions to be twice
and three times this value, respectively (i.e., vesicles with one
bilayer, two bilayers, and three bilayers). The black continuous
line (Figure 2j) shows the ﬁt to the data of the sum of these
three normal distributions, which corresponded to eq 1.

Figure 2. Formation of fatty acid vesicles on cellulose paper. Confocal
ﬂuorescence images were captured 90 min after incubation in the
growth buﬀer. (a) No fatty acid vesicles were found growing on the
paper at a nomimal surface concentration of 0.3 nmol/mm2 of oleic
acid. (b) Paper with nominal surface concentrations of 3 nmol/mm2 of
oleic acid had a large number of fatty acid vesicles (bright ﬂuorescent
rings enclosing dark nonﬂuorescent interiors) growing on the cellulose
ﬁbers. (c) Intensely ﬂuorescent objects were on the paper when the
surface concentration of oleic acid was doubled to 6 nmol/mm2. (d−f)
Representative images of the fatty acid structures after extraction from
the paper into the bulk continuous phase. (d) Only small structures
were extracted from the paper with nominal surface concentrations of
0.3 nmol/mm2. (e) Numerous spherical fatty acid vesicles, along with
other structures, were extracted from the paper with nominal surface
concentrations of 3 nmol/mm2 of oleic acid. (f) A large number of
fatty acid droplets or multilamellar vesicles along with fatty acid
vesicles were extracted from paper with nominal surface concentrations of 6 nmol/mm2 of oleic acid. Close up images showing (g) a
fatty acid vesicle and (h) a fatty acid droplet. (i) Histogram of the
diameters of the fatty acid vesicles obtained from a sample with a
nominal surface concentration of 3 nmol/mm2 of oleic acid; 70% of
the fatty acid vesicles had diameters between 5 and 10 μm and 20% of
the fatty acid vesicles had diameters between 10−15 μm. The
histogram was built from a sample size n = 25408 fatty acid vesicles. (j)
Histogram of the normalized mean ﬂuorescence intensities of the
membranes of the fatty acid vesicles. The shaded curves are normal
distributions centered at one, two, and three times of the location of
the highest peak, μbilayer. The black continuous line is the sum of the
three normal distributions that was ﬁt to the data. The coeﬃcient of
determination of this ﬁt, R2 = 0.98. (k) Bar plot of the fraction of
unilamellar, bilamellar and trilamellar fatty acid vesicles in the sample;
66% of the fatty acid vesicles were unilamellar, 24% of the fatty acid
vesicles were bilamellar, and 9% of the fatty acid vesicles were
trilamellar. Scale bars (a−c, g, and h) 10 μm; (d−f) 25 μm.

⎛ ⎛ x − μ ⎞2 ⎞
⎛ ⎛ x − μ ⎞2 ⎞
1 ⎟
2 ⎟
f (x) = A1 exp⎜⎜− ⎜
⎟ ⎟ + A 2 exp⎜⎜− ⎜
⎟⎟
⎝ ⎝ σ1 ⎠ ⎠
⎝ ⎝ σ2 ⎠ ⎠
⎛ ⎛ x − μ ⎞2 ⎞
3 ⎟
+ A3exp⎜⎜− ⎜
⎟⎟
⎝ ⎝ σ3 ⎠ ⎠

(1)

In eq 1, A is the height of the peak, μ is the mean intensity,
and σ is the standard deviation. The subscripts correspond to
the ﬁrst, second, and third distributions.
Equation 1 ﬁtted the distribution of membrane intensities
well, with a coeﬃcient of determination, R2 = 0.98. We thus
conclude that the distribution of intensities is consistent with
the presence of unilamellar, bilamellar, and trilamellar fatty acid
vesicles. The shape of the distribution is suggestive that
populations of fatty acid vesicles with more than three
membranes occur, albeit at a much lower abundance (Figure
2j). We used the area under the three ﬁtted normal

25408 fatty acid vesicles obtained by analyzing one hundred
850.19 μm × 850.19 μm confocal images. Although our image
analysis routine could detect structures with diameters down to
1 μm, we could not reliably diﬀerentiate vesicles from other
fatty acid structures when they were less than 5 μm in diameter.
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distributions to quantify the fraction of uni-, bi-, and trilamellar fatty acid vesicles in the sample. Unilamellar vesicles
made up 66%, bilamellar vesicles made up 24%, and trilamellar
vesicles made up 9% of the sample (Figure 2k).
To the best of our knowledge, this is the ﬁrst report of the
size distribution and lamellarity of giant fatty acid vesicles
obtained from a sample size of tens of thousands of fatty acid
vesicles. We thus could not compare directly the characteristics
of fatty acid vesicles produced on cellulose paper with those
produced through other methods. Results from smaller samples
of fatty acid vesicles produced through overnight hydration and
bulk self-assembly, however, indicated that the fatty acid
vesicles that were obtained were predominantly multilamellar
with multiple clearly discernible fatty acid membranes.44
3.3. Preparation of Polymersomes from the Diblock
Copolymer PBD46PEO30 Using Cellulose Paper. Having
shown that vesicles can self-assemble from fatty acid ﬁlms on
cellulose paper in aqueous solutions, we next attempted to
produce polymersomes using cellulose paper. We used
PBD46PEO30 as our model diblock copolymer, and tested
three diﬀerent nominal surface concentrations of the polymer
−0.02 nmol/mm 2 , 0.2 nmol/mm 2 , and 2 nmol/mm 2 .
Mimicking the conditions for fatty acids, we incubated the
polymer-coated-paper at room temperature.
Figure 3a−c shows that 90 min after incubation in a 250 mM
solution of sucrose at room temperature (T = 25 °C), no
polymersomes were found on the cellulose ﬁbers even at the
highest nominal surface concentration of the polymer that we
tested (2 nmol/mm2). We hypothesized that temperature plays
a role in the formation of polymersomes on cellulose paper.
Our hypothesis is based on reports that elevating the
temperature leads to signiﬁcant changes in the growth
characteristics of polymersomes.50 To test this hypothesis, we
incubated the PBD46PEO30 coated paper at 80 °C. Figure 3d-f
shows that after 90 min, we obtained numerous polymersomes
on paper with nominal surface concentrations of PBD46PEO30
of 0.2 and 2 nmol/mm2. The cellulose ﬁbers in the samples
with nominal surface concentrations of PBD46PEO30 of 0.2
nmol/mm2 appeared to be covered completely with polymersomes with minimal residual polymer on the cellulose ﬁbers
(Figure 3e), whereas the samples with nominal surface
concentrations of 2 nmol/mm2 had, along with the polymersomes, large aggregates of polymer coating the ﬁbers (white
arrows in Figure 3f). Nominal surface concentrations of 0.02
nmol/mm2 appeared too low to form PBD46PEO30 polymersomes; we only observed coatings of the polymer on the
cellulose ﬁbers (Figure 3d). Thus, we conclude that
concentrations between 0.1−0.6 nmol/mm2 were optimal to
form PBD46PEO30 polymersomes while being economical with
the polymer. These nominal surface concentrations were about
an order of magnitude lower than the nominal surface
concentrations of oleic acid that was optimal for assembling
fatty acid vesicles.
Figure 3g shows a box plot of the size distribution of the
polymersomes as a function of the nominal surface
concentration. The distribution of sizes of the extracted
polymersomes were remarkably consistent for the diﬀerent
surface concentrations of the polymer. The median diameter
from each of the samples was ∼9 μm (Figure 3g). Samples
from paper coated with 2 nmol/mm2 of polymer had numerous
polymer nanotubes and other polymer aggregates present in
the sample (Supporting Information, Figure 4). The number of
polymersomes that we extracted from the paper was variable,

Figure 3. Formation of PBD46PEO30 polymersomes on cellulose
paper. Representative confocal ﬂuorescence images showing no
polymersomes were found growing on the paper at a nomimal surface
concentration of (a) 0.02, (b) 0.2, and (c) 2 nmol/mm2 of polymer 90
min after incubation at room temperature, 25 °C. When the samples
were incubated at 80 °C, (d) no polymersomes were found for
nominal surface concentrations of 0.02 nmol/mm2, (e) numerous
polymersomes coated the cellulose ﬁbers for nominal surface
concentrations of 0.2 nmol/mm2, (f) numerous polymersomes coated
the cellulose ﬁbes for nominal surface concentrations 2 nmol/mm2,
and excess polymer was also present on the cellulose ﬁbers (white
arrows). (g) Box plot showing the relationship between the nominal
surface concentration and the distribution of the diameters of the
polymersomes obtained from the paper. The red line indicates the
median diameter, the bottom and top of the blue box marks the 25th
and 75th percentile of the distribution, and the whiskers (black lines)
mark the diameters in the distribution that are 1.5× the interquartile
range away from the respective median values. The polymersomes had
a median diameter of ∼9 μm for all the concentrations. The boxes
were relatively narrow and had borders between 8 and 10 μm.
Polymersomes with diameters up to 16 μm were obtained from
samples with nominal surface concentration of 2 nmol/mm2.
However, numerous polymer aggregates and tubes were also present
(Supporting Information, Figure 4). (h) Plot showing the number of
poymersomes obtained as a function of nominal surface concentration.
(i) Histogram of the normalized mean ﬂuorescence intensities of the
membranes of the polymersomes extracted from paper with a nominal
surface concentration of 0.2 nmol/mm2 of the polymer, n = 85954.
The distribution was ﬁt well by the sum (black line) of two normal
distributions (shaded curves), coeﬃcient of determination R2 = 0.98.
Inset: bar plot showing the fraction of polymersomes that were
unilamellar and bilamellar. A total of 96% of the polymersomes were
unilamellar and 4% of the polymersomes were bilamellar. Scale bars
(a−f) 10 μm.
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(including to below room temperature such as 4 °C to
preserve the functionality of sensitive proteins) during loading
and extraction prevents denaturation of the cargo. We show our
proposed process schematically in Figure 4a.

with no clear trends with the surface concentrations of polymer
(Figure 3h). Imaging of the paper after the extraction process
revealed that polymersomes remained randomly trapped in the
pores of the ﬁlter paper, which could explain the lack of clear
trends with polymer concentration (Supporting Information,
Figure 5).
Figure 3i shows a plot of the mean ﬂuorescence intensity of
the membranes of the polymersomes extracted from samples
prepared from paper with a nominal surface concentration of
0.2 nmol/mm2 of PBD46PEO30. The distribution of intensities
was narrower than the distribution of intensities for the fatty
acid vesicles. Indeed, the distribution was ﬁtted well by the sum
of two normal distributions, consistent with a population that
was composed of unilamellar and bilamellar polymersomes
(black line, coeﬃcient of determination, R2 = 0.98). A large
fraction of the polymersomes, 96%, were unilamellar whereas
4% of the sample were bilamellar (Figure 3i, inset). The
polymersomes prepared with nominal surface concentrations
between 0.1 and 0.6 nmol/mm2 produced similar results (data
not shown). Along with estimates of lamellarity using
measurements of ﬂuorescence intensity of the membranes, we
performed ﬂuorescence leakage assays with the pore-forming
protein α-hemolyin, 53,61 to probe the lamellarity of
PBD46PEO30 polymersomes produced on paper. The results
of the ﬂuorescence leakage assay were consistent with the
majority of the polymersomes being unilamellar (Supporting
Information, Figure 6).
PBD46PEO30 polymersomes do grow on cellulose paper at
lower temperatures. However, growth is slower at lower
temperatures. Increasing the duration that the PBD46PEO30coated-paper incubated in the buﬀer to 12 h produced results
comparable to samples grown at 80 °C for 90 min (Supporting
Information, Figure 7).
3.4. Temporally Decoupled Growth and Loading of
Protein into Polymersomes. The toughness46,62 of PBD−
PEO polymersomes and the stealth capabilities of the PEO
block38,39 are useful for encapsulating and delivering cargo.10,40
The need for high temperatures for rapid growth of
PBD46PEO30 polymersomes on paper, however, could preclude
encapsulation of temperature labile cargo such as proteins and
other biological molecules. We demonstrate here that we can
produce tens of thousands of protein-loaded PBD46PEO30
polymersomes under mild conditions with a relatively minor
modiﬁcation that temporally decoupled the process of growth
of polymersomes from the process of loading cargo into the
polymersomes. Our successful encapsulation of protein
conﬁrmed our hypothesis of the thermally stable topology of
the polymersomes when attached to the cellulose ﬁbers.
We hypothesized that polymersomes attached to the
cellulose ﬁbers have unsealed membranes, based on related
observations of lipid nanotube connected lipid vesicles during
the process of electroformation in a microﬂuidic ﬂow
chamber.63,64 We further hypothesized that cooling the sample
to room temperature leaves the membranes unsealed as long as
the polymersomes remain attached to the cellulose ﬁbers. The
unsealed membrane provides a route for membrane impermeable molecules (large molecules or charged molecules) to
diﬀuse into the lumen of the polymersomes down a
concentration gradient. Subsequent extraction of the polymersomes from the cellulose ﬁbers into the bulk seals the
membrane and traps the molecules in the lumen. Thus, use
of high temperatures encourages rapid growth of the
polymersomes, whereas cooling to milder temperatures

Figure 4. Encapsulation of a model protein cargo into PBD46PEO30
polymersomes. (a) Schematic of the mechanism for loading
polymersomes (depicted as red shapes budding from the cylindrical
cellulose ﬁber) with temperature sensitive cargo such as proteins.
Growth at 80 °C rapidly produces polymersomes. Polymersomes
attached to the ﬁbers have unsealed membranes. Cooling the sample
to room temperature or below room temperature allows the loading of
cargo under nondenaturing conditions. Polymersomes that remain
attached to the ﬁbers remain unsealed. The cargo (depicted as light
green shading) when added to the continuous phase, diﬀuses into the
lumens down a concentration gradient (black arrows). Extraction of
the polymersomes from the ﬁber seals the membrane, encapsulating
the cargo in the polymersomes. Transferring the cargo-loaded
polymersomes into a cargo-free continuous phase allows quantiﬁcation
of the eﬃciency of encapsulation. (b−e) Experimental conﬁrmation of
the encapsulation procedure with a model protein (bovine serum
albumin conjugated with the ﬂuorescent molecule FITC, FITC-BSA).
(b) Nile Red channel showing the polymersome membranes. (c)
FITC channel showing the FITC-BSA in the polymersome. (d)
Composite of the Nile Red and FITC channels showing successful
encapsulation of the protein in the polymersomes. (e) Histogram of
the normalized ﬂuorescence intensities in the lumens of the
polymersomes. We normalized the intensity values so that the mean
intensity of the external continuous phase was zero and the maximum
intensity measured in the lumen from the n = 17449 polymersomes
was one. Only about 20% of the polymersomes had intensities in the
lower 10% of the distribution (low amount of encapsulation). Scale bar
10 μm.

We grew polymersomes at 80 °C for 1 h and then cooled the
sample to room temperature. We then added bovine serum
albumin−ﬂuorescein isothiocyanate conjugate (FITC-BSA) to
obtain a ﬁnal concentration of 1.5 μM of FITC-BSA in the
buﬀer. The diﬀusion coeﬃcient, D, of BSA65 is approximately 6
× 10−11 m2 s−1. Thus, for polymersomes with a diameter, x of
x2

10 μm, the characteristic time for diﬀusion, t = D ∼ 2s . We
incubated the polymersomes for 1 h in this solution, thus
providing ample time for the FITC-BSA to diﬀuse into the
lumens. We then extracted the polymersomes using an isomolar
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solution of glucose that was devoid of FITC-BSA. We further
cleared the continuous phase of excess FITC-BSA by spinning
the polymersomes down and replacing the supernatant with
FITC-BSA-free buﬀer two more times before imaging.
Figure 4b−d shows representative images of the polymersomes that we obtained through this process. Qualitatively we
observed that the majority of the polymersomes had brightly
ﬂuorescent lumens in the FITC channel, demonstrating the
successful encapsulation of FITC-BSA. The behavior of the
polymersomes attached to the cellulose ﬁbers diﬀered from
those of electroformed liposomes attached to indium tin oxide
(ITO) covered glass slides which were reported to be unable to
exchange macromolecular solutes.63,64 We quantiﬁed our
results by measuring the intensities of FITC-BSA in the
polymersomes. Figure 4e shows a histogram of the normalized
lumen intensities. We normalized the intensity values so that
the mean intensity of the external continuous phase was zero
and the maximum intensity measured in the lumen from the n
= 17449 polymersomes was one. Each bin had a width
corresponding to 10% of the total intensity range. Encapsulation was eﬃcient. Only approximately 20% of the polymersomes had intensities in the lower 10% of the distribution (low
amount of encapsulation). Thus, this simple diﬀusion
controlled benchtop process from a single well in a 24-well
plate resulted in ∼20000 polymersomes within about 2 h. It is
reasonable to extrapolate that O(107) or more polymersomes
can be produced by straightforward parallelization of this paperabetted process.
3.5. Preparation of Polymersomes from the Triblock
Copolymer Pluronic L121 from Cellulose Paper. The
third amphiphile class that we used was an ABA triblock
copolymer, PEO5PPO67PEO5 (Pluronic L121). We chose this
polymer because (i) it is commercially available and (ii)
reports36,46 indicate that it is diﬃcult to form giant polymersomes from this polymer due to its low hydrophobicity.
Polymersomes form when thin ﬁlms of mixtures of Pluronic
L121 and diblock copolymers are hydrated.31 Polymersomes
have also been produced through the process of electroformation46 or through solvent-based microﬂuidic techniques.36
Figure 5a,b shows representative images of paper coated with
a nominal surface concentration of 0.6 and 2 nmol/mm2 of
Pluronic L121 after 90 min of hydration in a 250 mM solution
of sucrose. Numerous polymersomes with thin ﬂuorescent
membranes as well as deposits of the Pluronic L121 polymer
(white arrow, Figure 5b) covered the cellulose ﬁbers. These
polymersomes, when extracted into an isomolar solution of
glucose, dispersed throughout the bulk solution of the imaging
chamber and did not sediment. Our observation is consistent
with previous reports36,46 that Pluronic L121 polymersomes,
due to their high permeability, could not retain small
hydrophilic molecules such as sucrose.
Based on reports that Pluronic L121 polymersomes can
retain high molecular weight solutes,36 we hypothesized that a
polymeric form of sucrose could be retained in the lumens. We
grew the Pluronic L121 polymersomes in a 25 μM solution of
Ficoll 400, a long-chain polymer of sucrose with a molecular
weight of 400000, and extracted the polymersomes into an
isomolar solution of glucose. The polymersomes settled to the
bottom of the imaging chamber (Figure 5c), conﬁrming that
they had a higher buoyant density than the surrounding
solution. Along with single polymersomes and bright Pluronic
L121 droplets, we also observed doublets (Figure 5d, upper
left), triplets (Figure 5d, upper right), and clusters of attached

Figure 5. Formation of Pluronic L121 polymersomes on cellulose
paper. (a, b) Large numbers of polymersomes covered the cellulose
ﬁbers after 90 min. The sample with a nominal surface concentration
of 2 nmol/mm2 of the polymer had excess polymer on the ﬁbers
(white arrow). (c) Pluronic L121 polymersomes grown in a solution
containing Ficoll 400 sediment to a single plane at the bottom of the
imaging chamber. Structures that we observed include single
polymersomes, doublets, triplets, and clusters. (d) Higher magniﬁcation images of the polymersome structures: (upper left) a doublet;
(upper right) a triplet; (lower left) A cluster. (Lower right) A
polymersome with bright polymer accretions in the membrane. (e)
Histogram of the diameters of polymersomes obtained from a sample
with a nominal surface concentration of 0.6 nmol/mm2 of Pluronic
L121. A total of 95% of the polymersomes had diameters between 5−
10 μm, and 4% of the polymersomes had diameters between 10−15
μm. The histogram was built from a sample size n = 40950
polymersomes. (f) Histogram of the normalized mean ﬂuorescence
intensities of the polymersome membranes obtained from a sample
with a nominal surface concentration of 0.6 nmol/mm2 of Pluronic
L121. A single normal distribution ﬁtted the data well with a
coeﬃcient of determination, R2 = 0.99. (g) Image of the paper 90 min
after incubating the sample at 80 °C. No polymersomes were evident.
Instead, numerous bright droplets were present on the cellulose ﬁbers.
(h) Sequence of images showing a Pluronic L121 polymersome
condensing into a droplet upon increasing the temperature from 25 to
80 °C. The white arrow in the upper right panel shows the formation
of a polymer accretion in the membrane: (a, b, g) 10 μm, (c) 25 μm,
and (d, h) 5 μm.

polymersomes (Figure 5d, lower left). These clusters resembled
foams of soap bubbles. Strikingly, the Pluronic L121 polymersomes also had bright membrane inclusions (Figure 5d, Lower
right). The number and sizes of these bright inclusions
increased with the nominal surface concentration of the
Pluronic L121. Based on this observation, we speculate that
the bright inclusions were accretions of Pluronic L121 that
remain attached to the membrane. We did not observe these
types of structures among the fatty acid vesicles or the
PBD46PEO30 polymersomes.
Our image analysis routine segmented clusters into individual
polymersomes and excluded the bright polymer accretions on
the membrane. Figure 5e shows a histogram of the diameters of
the polymersomes extracted from paper with a nominal surface
concentration of 0.6 nmol/mm2 of Pluronic L121. Among the
clearly identiﬁed polymersome structures above 5 μm in
diameter, 95% of the polymersomes were between 5−10 μm in
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diameter and 4% of the polymersomes were between 10−15
μm in diameter (Figure 5e). Figure 5f shows a histogram of the
mean ﬂuorescence intensities of the membranes of the Pluronic
L121 polymersomes. The histogram was ﬁt well by a single
normal distribution, with a coeﬃcient of determination, R2 =
0.99. The result of the ﬁt is suggestive that the polymersomes
were predominantly unilamellar. Note, however, that unlike the
fatty acid vesicles and the PBD46PEO30 polymersomes, the
Pluronic L121 polymersomes also had polymer accretions in
their membranes that were not included in the calculations.
We also incubated samples of paper coated with Pluronic
L121 polymers at 80 °C to compare our results with those for
the diblock copolymer PBD46PEO30. We did not observe any
polymersomes on the paper after 90 min. Instead, we observed
a large number of spherical Pluronic L121 droplets of high
ﬂuorescence intensities coating the ﬁbers (Figure 5g). We
investigated further these results by assembling Pluronic L121
polymersomes at room temperature and then heating the
polymersomes to 80 °C using a Peltier stage heater. Figure 5h
shows a sequence of images of a Pluronic L121 polymersome as
the temperature was increased from 25 to 80 °C. The diameter
of the Pluronic L121 decreased and a bright accretion (white
arrow) appeared on the membrane when the temperature
reached 35 °C (Figure 5h, upper right). The diameter of the
polymersome decreased as the temperature increased. Simultaneously, the number and sizes of the polymer accretions
increased (Figure 5h, lower left, taken at 55 °C). Eventually all
of the membrane condensed into a bright droplet that
resembled the droplets that we observed on the sample
grown at 80 °C (Figure 5h, lower right, taken at 80 °C). We
conclude that Pluronic L121 polymersomes formed optimally
on cellulose paper at a nominal surface concentration between
0.6−1 nmol/mm2 at room temperature.
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4. CONCLUSIONS
We have shown that cellulose paper-abetted assembly of large
quantities of vesicles is general to four diﬀerent classes of
amphiphiles that form lamellar phases: fatty acids, phospholipids,53 diblock copolymers, and triblock copolymers. The
optimal conditions for growth, such as the initial surface
concentration of the amphiphile, the pH of the buﬀer, and the
temperature, varied depending on the type of amphiphile. We
also demonstrated quantitatively that the resultant vesicles
exhibit amphiphile-speciﬁc variation in their sizes, their
lamellarity, and their structures. Although certain amphiphiles
required high temperatures for rapid growth, the topology of
the vesicles that were attached to the cellulose ﬁbers allowed
the temporal decoupling of the process of growth and the
process of loading cargo. This temporal decoupling allowed us
to load and encapsulate a protein cargo eﬃciently at room
temperature or lower. The chemical and thermal stability of
cellulose and the ease of manipulation of paper allowed the
straightforward adaptation of PAPYRUS (Paper-Abetted
amPhiphile hYdRation in aqeUous Solutions) to the various
conditions that produced optimal growth. Given the generality
of the results, we posit that other lamellar phase forming
amphiphiles, such as catanionic surfactants,66 bolaform
amphiphiles, and archaea lipids,23 will also assemble into
vesicles on cellulose paper. These results thus serve as a
lynchpin for the further elaboration of the considerable
scientiﬁc and practical implications of using cellulose paper as
a platform for assembling vesicles from amphiphilic molecules.
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